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Author Questionnaire 
1. We have marked your project as author-provided footage, meaning you film the video yourself and provide JoVE with the footage to edit. JoVE will not send the videographer. Please confirm that this is correct. 
√ Correct 
☐ Incorrect 

 2. Microscopy: Does your protocol require the use of a dissecting or stereomicroscope for performing a complex dissection, microinjection technique, or something similar?  NO  

3. Software: Does the part of your protocol being filmed include step-by-step descriptions of software usage?  Yes
If Yes, we will need you to record using screen recording software.
We recommend using the screen capture program OBS. JoVE’s tutorial for using OBS Studio is provided at this link: https://review.jove.com/v/5848/screen-capture-instructions-for-authors?status=a7854k

As these files are necessary for finalizing your script, please upload all screen captured video files to your project page as soon as possible.

[bookmark: Text5]4. Proposed filming date: To help JoVE process and publish your video in a timely manner, please indicate the proposed date that your group will film here: MM/DD/YYYY	Comment by Lakshmi Priya: Kindly email me the shoot date


When you are ready to submit your video files, please contact our Content Manager, Utkarsh Khare. 

Current Protocol Length

Number of Steps:  22
Number of Shots:  58 

Interviews 

Authors: Answers are slightly edited in accordance with journal guidelines. Please note that the questions will not appear on screen. Please answer in stand-alone full sentence with sufficient context.

INTRODUCTION:
REQUIRED: Summarize your research focus and the main questions it aims to answer.
1.1. Xiang Mao: Our research focuses on developing a repetitive mild closed-head injury mouse model to investigate chronic depressive-like behavior after TBI.
1.1.1. INTERVIEW: Named talent says the statement above in an interview-style shot, looking slightly off-camera

Describe the research gap or limitation in existing methods and how this protocol addresses them.
1.2. Xiang Mao: Existing models often cause craniotomy-related lesions, whereas this protocol preserves gross brain structure for behavioral and circuit studies.
1.2.1. INTERVIEW: Named talent says the statement above in an interview-style shot, looking slightly off-camera

CONCLUSION:
What does this protocol allow researchers to study or measure?
1. 
1.1. 
1.2. 
1.3. Xiang Mao: This protocol allows researchers to measure depressive-like behavior after repetitive mild TBI without obvious focal structural damage.
1.3.1. INTERVIEW: Named talent says the statement above in an interview-style shot, looking slightly off-camera

Describe the most important consideration or challenge when performing this protocol.
1.4. Xiang Mao: The most important challenge in this protocol is controlling impact location, anesthesia depth, and recovery to avoid excessive injury.
1.4.1. INTERVIEW: Named talent says the statement above in an interview-style shot, looking slightly off-camera

Are there any additional methods or analyses that can be performed following this procedure?
1.5. Xiang Mao: Following this procedure, researchers can perform histology, immunostaining, transcriptomics, electrophysiology, and viral tracing to explore underlying mechanisms.
1.5.1. INTERVIEW: Named talent says the statement above in an interview-style shot, looking slightly off-camera
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Protocol  

2. Surgical Preparation and Induction of Anesthesia
Demonstrator: Lizheng Xie

NOTE to Authors: Please consider the following key points for shots involving live
animals/survival surgery (as applicable) to avoid raising concerns by JoVE's veterinary reviewers.
· If lifting the animal by the tail, hold it close to the tail base, not far from it.
· Shave 150% of the area surrounding a surgical site (preferably using a depilatory cream). Ensure that there are no skin injuries and no fur in the surgical field.
· Prep the surgical site with both iodine-based scrubs and alcohol
· Use sterile gloves only for surgery (not examination or non-sterile gloves).
· Make skin incisions with a surgical blade, not scissors.
· Avoid using silk thread for closing skin incisions in survival surgeries.
· Please point out the organs before dissecting

2.1. To begin, obtain a male mouse aged 8 to 10 weeks and weighing 20 to 25 grams [1-TXT]. Prepare the surgical instruments [2]. Sterilize the surgical instruments [3], place them on a clean surgical field, and maintain aseptic technique throughout the procedure [4]. Wear gloves, a lab coat, and eye protection [5].
2.1.1. WIDE: Talent sitting with the mice in a cage on the workbench. TXT: Mice Strain: C57BL/6N
2.1.2. TEXT ON A PLAIN BACKGROUND:
Surgical Instruments:
Sterile scalpel with No. 11 blade
Sterile cotton swabs
Sterile saline
10% PVP-I
5-0 polypropylene monofilament suture
Adhesive tape
Chlortetracycline ophthalmic ointment
2.1.3. Talent sterilizing the surgical instruments
2.1.4. Talent arranging the sterilized instruments on a clean surgical field.
2.1.5. Talent wearing gloves, a lab coat, and eye protection.
2.2. Prepare a thermostatic heating pad [1] and set it to 37 degrees Celsius plus or minus 0.5 degrees Celsius [2].
2.2.1. Talent preparing a thermostatic heating pad.
2.2.2. Talent setting the thermostatic heating pad to 37 °C ± 0.5 °C.
2.3. Connect the induction chamber and nose cone to the laboratory animal gas anesthesia system [1]. 
2.3.1. Talent connecting the induction chamber and nose cone to the laboratory animal gas anesthesia system.
2.4. Set the oxygen flow rate to 0.5 to 1.0 liters per minute and prepare the isoflurane vaporizer for induction and maintenance [1]. Perform anesthesia in a well-ventilated area or use an approved waste-gas scavenging system [2].
2.4.1. Talent setting the oxygen flow rate and preparing the isoflurane vaporizer for induction and maintenance.
2.4.2. Shot of well-ventilated area with an approved waste-gas scavenging system visible.
2.5. Administer buprenorphine hydrochloride at 0.1 milligram per kilogram intraperitoneally 30 minutes before anesthesia and surgery [1].
2.5.1. Talent administering buprenorphine hydrochloride intraperitoneally to the mouse.
2.6. Place the mouse in the induction chamber [1]. After inducing anesthesia, set the vaporizer to 3 to 5 percent for induction [2-TXT]. Monitor the mouse continuously until the righting reflex is lost and spontaneous limb movement ceases [3]. 
2.6.1. Talent placing the mouse in the induction chamber.
2.6.2. Talent adjusting the vaporizer to 3% to 5%. TXT: Anesthesia: ≤ 5% Isoflurane
2.6.3. Shot of an anesthetized mouse with loss of the righting reflex and cessation of spontaneous limb movement.
2.7. Transfer the mouse to a stereotaxic frame in the prone position [1]. Maintain anesthesia through a nose cone [2]. Reduce the vaporizer setting to 1 to 2 percent while keeping the oxygen flow rate at 0.5 to 1 liters per minute [3].
2.7.1. Talent transferring the mouse to a stereotaxic frame in the prone position.
2.7.2. Talent positioning the nose cone to maintain anesthesia.
2.7.3. Talent adjusting the vaporizer to 1% to 2% while maintaining the oxygen flow rate at 0.5 to 1.0 liters per minute.
2.8. Maintain a stable respiratory rate of approximately 60 to 100 breaths per minute during the procedure while maintaining isoflurane at or below 2 percent [1]. If the respiratory rate falls below 60 breaths per minute or breathing becomes shallow or irregular, reduce the isoflurane concentration [2], provide supportive warming, and delay impact until stable respiration resumes [3]. 
2.8.1. Close-up of the anesthetized mouse in the stereotaxic frame showing regular thoracic excursions consistent with stable respiration
2.8.2. Talent reducing the isoflurane vaporizer setting 
2.8.3. Talent positioning the mouse on the thermostatic heating pad.
2.9. Confirm adequate anesthesia by the absence of a pedal withdrawal reflex, and if adequate anesthesia cannot be achieved or if excessive respiratory depression occurs, exclude the animal [1]. Secure the head with the ear bars of the stereotaxic frame without damaging the tympanic membranes and maintain the mouse in the prone position [2]. 
2.9.1. Talent assessing the pedal withdrawal reflex of the mouse.
2.9.2. Talent securing the mouse head with the ear bars of the stereotaxic frame while maintaining the prone position.
2.10. Apply chlortetracycline ophthalmic ointment to both eyes [1]. Shave the scalp [2]. Disinfect the surgical site with 10% povidone-iodine solution [3].
2.10.1. Talent applying chlortetracycline ophthalmic ointment to both eyes of the mouse.
2.10.2. Talent shaving the scalp of the mouse.
2.10.3. Talent disinfecting the surgical site with 10% povidone-iodine solution.

3. Establishing the Repetitive Mild Traumatic Brain Injury Model
3.1. Using a sterile scalpel fitted with a number 11 blade, make a longitudinal midline scalp incision approximately 0.5 to 1 centimeter in length [1]. Using sterile forceps or cotton swabs, bluntly dissect the subcutaneous tissue and periosteum to fully expose the skull without scratching the bone surface [2]. Wipe the skull surface with a sterile cotton swab moistened with physiological saline to visualize the bregma and coronal suture [3].
3.1.1. Shot of making a longitudinal midline scalp incision with a sterile scalpel fitted with a number 11 blade.
3.1.2. Shot of bluntly dissecting the subcutaneous tissue and periosteum using forceps or cotton swab to expose the skull.
3.1.3. CU:  Shot of wiping the skull surface with a saline-moistened sterile cotton swab to reveal the bregma and coronal suture.
3.2. For the Naive group, do not perform anesthesia or surgery [1]. For the Sham group, administer anesthesia and make a scalp incision without delivering the impact [2].
3.2.1. Shot of an untreated mouse assigned to the Naive group.
3.2.2. Talent performing anesthesia and scalp incision procedures without positioning the impact device over the skull.
3.3. Install a 4-millimeter diameter curved metal impactor tip on the free-falling weight-drop device [1]. Set the drop height to 25 centimeters and use a 20-gram impact weight [2].
3.3.1. Talent installing a 4-millimeter diameter curved metal impactor tip on the free-falling weight-drop device.
3.3.2. Close-up of the free-falling weight-drop device configured with a 25-centimeter drop height and a 20-gram impact weight.
3.4. Identify the impact site at a point 2 millimeters left of the sagittal suture and 2 millimeters posterior to the coronal suture on the skull surface [1]. Align the impactor tip vertically over the target site [2] and lower it until it contacts the skull surface while keeping the tip centered and perpendicular to the skull [3]. Release the 20-gram weight from a height of 25 centimeters to deliver a single impact [4].
3.4.1. Close-up of the exposed skull showing the target site located 2 millimeters left of the sagittal suture and 2 millimeters posterior to the coronal suture. Authors: Point out the impact site
3.4.2. Shot of positioning the impactor tip vertically over the target site 
3.4.3. Shot of lowering the impactor tip until it contacts the skull surface with the tip centered and perpendicular to the skull.
3.4.4. Shot of releasing the 20-gram weight from a height of 25 cm to deliver a single impact.
3.5. Remove the impactor tip immediately after impact [1]. Inspect the surgical site [2]. Close the scalp incision with interrupted 5-0 (five-oh) nonabsorbable polypropylene monofilament suture [3]. Disinfect the incision site with 10% povidone-iodine solution [4].
3.5.1. Talent lifting the impactor tip away from the skull immediately after impact.
3.5.2. Close-up of the exposed surgical site during inspection.
3.5.3. CU: Talent closing the scalp incision with interrupted 5-0 nonabsorbable polypropylene monofilament sutures.
3.5.4. CU: Talent applying 10% povidone-iodine solution to the closed incision site.
3.6. Place the mouse on a thermostatic heating pad maintained at 37 degrees Celsius plus or minus 0.5 degrees Celsius [1] and monitor respiration until recovery of consciousness and free ambulation [2]. Then, return the mouse to its home cage [3]. 
3.6.1. Talent placing the mouse on the thermostatic heating pad for postoperative recovery.
3.6.2. Close-up of the mouse during early recovery while assessing respiration and checking for visible hemorrhage.
3.6.3. Talent returning the mouse to its home cage.
3.7. Dispose of used blades and needles in an approved sharps container [1]. Dispose of animal waste and contaminated materials [2].
3.7.1. Talent disposing of used blades and needles in an approved sharps container.
3.7.2. Talent disposing of animal waste and contaminated materials in the designated biosafety waste container.
3.8. Repeat the injury procedure every 24 hours for 5 consecutive days to deliver a total of 5 impacts [1]. Monitor body weight [2] and activity throughout the postoperative recovery period [3]. Exclude animals that develop a skull fracture, visible hemorrhage, seizure, persistent circling, or inability to feed or drink independently [4].
3.8.1. Time-lapse sequence showing the injury procedure being performed on the same mouse across 5 consecutive days.
3.8.2. Talent measuring body weight of the mouse on a laboratory balance 
3.8.3. Shot of mouse in the home cage.
3.8.4. Close-up of a mouse exhibiting skull fracture, visible hemorrhage, seizure, persistent circling, or inability to feed or drink independently
3.9. Acquire T2-weighted magnetic resonance imaging or MRI (M-R-I) scans of anesthetized mice 7 days after the final injury for qualitative assessment of brain structure [1].
3.9.1. Show an anesthetized mouse positioned on an MRI-compatible animal bed being advanced into the bore of a magnetic resonance imaging scanner.


4. Tail Suspension Test
4.1. Perform the tail suspension test or TST (T-S-T) on day 7 after injury [1]. Place a Plexiglas cylinder [2] over the tail to prevent tail climbing [3]. 
4.1.1. Talent preparing the mouse for the tail suspension test on day 7 after injury.
4.1.2. TEXT ON A PLAIN BACKGROUND:
Plexiglas Cylinder
Length: 4 cm
OD: 1.6 cm
ID: 1.2 cm
Weight: 1.6 g
4.1.3. Talent placing the Plexiglas cylinder over the tail of the mouse.
4.2. Fix the tail to the suspension box with adhesive tape [1]. Ensure that the mouse cannot reach the bottom of the box [2]. Suspend the mouse for 3 minutes [3].
4.2.1. Talent securing the tail of the mouse to the suspension box with adhesive tape.
4.2.2. Side-view shot showing the suspended mouse positioned above the bottom of the box.
4.2.3. Shot of the mouse suspended in the apparatus during the test period.
4.3. Record the entire session with a high-resolution camera [1]. Analyze mobility time and immobility time manually from the recorded video by a blinded observer [2].
4.3.1. Talent recording the tail suspension test using a high-resolution camera.
4.3.2. SCREEN: Display the mobility time and immobility time being analyzed from the recorded video. 
Authors: Please create screen capture videos of the shots labeled as SCREEN, create a screenshot summary, and upload the files to your project page as soon as possible:  https://review.jove.com/account/file-uploader?src=21861533













Results
5. Results 

5.1. Prior to modeling, there were no statistical differences in body weight among the Naive [1], Sham [2], and c-TBI groups [3].
5.1.1. LAB MEDIA: Figure 4A. Video editor: Highlight the grey line with circle markers labelled 'Naive' from -4 to 1 time points.
5.1.2. LAB MEDIA: Figure 4A. Video editor: Highlight the blue line with square markers labelled 'Sham' from -4 to 1 time points.
5.1.3. LAB MEDIA: Figure 4A. Video editor: Highlight the red line with triangle markers labelled 'c-TBI' from -4 to 1 time points.
5.2. Post-modeling, the overall body weight of the c-TBI mice was slightly lower than that of the Naive [1] and Sham groups [2], reaching a nadir on day 3 post-TBI [3].
5.2.1. LAB MEDIA: Figure 4A. Video editor: Highlight the grey line with circle markers labelled 'Naive' from 1 to 30 time points.
5.2.2. LAB MEDIA: Figure 4A. Video editor: Highlight the blue line with square markers labelled 'Sham' from 1 to 30 time points.
5.2.3. LAB MEDIA: Figure 4A. Video editor: Highlight the red line with triangle markers labelled 'c-TBI' at day 3, where it reaches its lowest point.
5.3. From day 3 post-TBI onwards, the body weight of c-TBI mice gradually recovered and increased over time [1].
5.3.1. LAB MEDIA: Figure 4A. Video editor: Highlight the red line with triangle markers labelled 'c-TBI' from day 3 through day 30 as it rises across successive time points.
5.4. In the TST, the mobility time of chronic traumatic brain injury or c-TBI (C-T-B-I) mice [1] was significantly lower than that of the Naive [2] and Sham groups [3].
5.4.1. LAB MEDIA: Figure 5A. Video editor: Highlight the red box plot labelled 'c-TBI'.
5.4.2. LAB MEDIA: Figure 5A. Video editor: Highlight the grey box plot labelled 'Naive'
5.4.3. LAB MEDIA: Figure 5A. Video editor: Highlight the blue box plot labelled 'Sham'.
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