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SUMMARY:
This methodology allows repeated measurements of cerebral blood flow in laser speckle contrast imaging by using dental acrylic to cover the skulls of uninfected and experimental cerebral malaria mice. The acrylic helmet is easy to implant and stable, allowing for monitoring of the disease progression and treatment outcomes.

ABSTRACT:
Cerebral malaria is a deadly malaria complication whose pathophysiology is not fully understood. Studies using the experimental cerebral malaria (ECM) model to analyze the development of the disease in the brain are useful for improving our understanding of this complication and for developing new treatments. Laser Speckle with Contrast Imaging (LSCI) allows for measurements of cerebral blood flow (CBF) but requires surgery to expose the mouse’s skull to the laser. In addition, it prevents the use of the same animal for multiple measurements, leading to euthanasia after measurement and the need for a substantial number of animals to analyze multiple timepoints of treatment. One solution is to implant a chronic cranial window; however, it is an aggressive, invasive procedure. Here, we present a new methodology for measuring CBF using LSCI by implanting an acrylic helmet in uninfected and ECM mice. The use of a thin acrylic layer had no detectable effect on CBF measurements under the tested conditions. This procedure proved simple, stable, and effective, allowing repeated measurements for up to 13 days after implantation and follow-up of CBF during ECM development and at different time points after antimalarial treatment. Limitations include possible variations of the acrylic layer thickness and the limited duration (14 days) tested of the preparations. Taking measurements from the same animal can generate more consistent data and reduce the number of animals needed for this type of study.

INTRODUCTION: 
Cerebral malaria is the deadliest complication of Plasmodium falciparum infection, affecting mostly children under five years old¹. Studies on the physiopathogenesis of this severe condition are limited in humans and mostly rely on post-mortem analyses. In vivo studies, for instance, based on retinoscopy2,3, magnetic resonance imaging4, and transcranial doppler5 have helped elucidate various aspects of pathogenesis, especially those related to vascular damage. Murine models have also been helpful, as they allow controlled studies with interventions and approaches that would be impossible with the human condition6.

One of the characteristics of cerebral malaria is the adhesion of parasitized and non-parasitized red blood cells and sequestration of leukocytes and platelets in the endothelium of capillaries and post-capillary venules, which leads to obstruction of these vessels and, consequently, to the limitation or interruption of blood flow. Vascular dysfunction and cerebrovascular constriction have also been shown to decrease perfusion in human and experimental cerebral malaria7-9. These phenomena result in decreased cerebral blood flow, hypoxia, coma, and death3,10-13. 

A number of methods are available for studying cerebral blood flow (CBF) in mice, including intravital microscopy14,15, magnetic resonance imaging (MRI)16, and single-photon emission computed tomography (SPECT)17. One such technology is Laser Speckle with Contrast Imaging (LSCI), a methodology that allows visualization of microcirculation through backscattered light from a tissue illuminated with a coherent laser light18. The speckle pattern produced at the camera has fluctuations in time caused by the movement of particles, leading to blurring at the speckle images. Therefore, the movement of red blood cells causes this blurring, allowing blood flow to be measured. 

Although the presence of light scattered from static tissue affects the measurement of accurate flows19, it is possible to measure CBF through an intact mouse skull20, but this technique requires the removal of the scalp to expose the skull to the laser. Several studies also remove part of the skull to create a cranial window, which has the advantage of allowing treatments in that area and observing an immediate effect21,22, but performing a craniotomy is a major, aggressive surgical intervention that requires deep anesthesia and can induce inflammation and rupture the dura mater and other brain tissues23. There is also the possibility of thinning the skull, but this can easily cause mechanical instability and damage to the brain. This procedure itself is not simple and can cause trauma, leading to bleeding, and, depending on the preparation, it can become opaque23. Another type of cranial window is skull clearing with chemical agents, which is less aggressive, but depending on the chemical, it can be toxic or biologically incompatible24. A good method for measuring CBF that does not require surgery is SPECT, which allows verification of perfusion of deep brain structures, assessment of systemic metabolic changes, quantification of regional flow in absolute terms, and visualization of the destination of these cells. However, this requires expensive equipment and usually the use of radioactive markers such as 99mTechnetium17. For the study of microcirculation, LSCI is more suitable, as it allows visualization of vasospasms, the effect of vasoactive substances, or capillary recruitment in real time on the cortical surface18-22.

We have used the LSCI approach with the intact skull to study CBF in mice with experimental cerebral malaria (ECM) and observed marked decreases in CBF on day 6 post-infection (6 dpi), when mice present full-blown ECM10. In this setup, CBF measurements were performed at a single time point per individual mouse or at two time points 1 h apart, within the time window allowed by the anesthesia protocol. Because only a single or two close time-point observations were possible per mouse, different groups of animals had to be formed to assess different disease timepoints and treatment responses. This approach features greater variability and requires a much larger number of animals per group than approaches that allow repeated measurements within the same animal over time. 

The three Rs of animal experimentation—Reduction, Refinement, and Replacement—have increasingly become requirements for in vivo studies; therefore, developing new strategies to meet these principles is a long-term goal. Implanting a chronic cranial window is an alternative that allows for repeated and long-term measurements in the same animal25,26, but as mentioned, it involves a major and aggressive surgical intervention that requires about two weeks of recovery and the area available for imaging is restricted to the opening of the cranial window. To overcome these limitations in the application of LSCI for CBF measurements in mice, we developed a simple technique by covering the exposed skull with a thin acrylic layer, which protects the skull surface and allows repeated LSCI measurements in the same animal over several days. 

This new protocol has clear advantages over existing methods: in relation to conventional intact skull LSCI, it allows repeated measurements over time in the same animal, which not only allows for evaluation of disease progress but also establishes that a given animal is its own control and results in the need for many fewer animals per study group. Furthermore, the anesthesia requirement during measurements in animals with implanted acrylic helmets is milder (sleep only) than that required for primary scalp removal and subsequent measurements in conventional intact-skull preparations. In relation to LSCI approaches in cranial window preparations, the obvious advantage is the lack of major surgical intervention and recovery time (however, it may not provide the same resolution as the cranial window approach due to skull interference). Therefore, the method described here may be useful as an alternative in selected longitudinal study designs.

PROTOCOL:

This study meets the ethical requirements and was approved by the Ethics Committee on Animal Use of IOC-Fiocruz under license number L-007/2023. 

1. Animals

1.1. Obtain male and female 12–20-week-old C57BL/6 mice with specific pathogen-free (SPF) status from an appropriate animal facility. 

1.2. House the mice in ventilated racks equipped with a controlled ventilation system providing 10–15 air changes per hour. House mice at a maximum of five animals per cage prior to surgical procedures. House mice individually after surgery to prevent removal or damage of the acrylic layer by cage mates. 

1.3. Maintain the mice on a 12 h light/dark cycle. Maintain the ambient temperature at 21 ± 2 °C and relative humidity at 40%–60%. Provide ad libitum access to autoclaved water and species-appropriate food. Supply environmental enrichment materials, including paper, hay, hydrophobic cotton, and cardboard rolls. 

2. Surgical scalp removal and acrylic layer implantation

2.1. Prepare one 1 mL syringe fitted with a 0.3 × 13 mm needle for anesthesia with ketamine and xylazine and inject it in the mouse intramuscularly (ketamine 75 mg/kg; xylazine 7 mg/kg, total volume: 45 µL).

2.2. Prepare another 1 mL syringe fitted with a 0.3 × 13 mm needle for analgesia with buprenorphine and inject it in the mouse subcutaneously (1.0 mg/kg, diluted in water for injection, total volume: 200 µL).

2.3. Check the depth of anesthesia by verifying the loss of palpebral, tail, and pedal withdrawal reflex. Only proceed to the next step if the mouse does not respond.

2.4. Place the mouse in a stereotaxic apparatus, carefully restraining the head with ear bars. Hydrate its eyes with eye drops (ophthalmic gel).

2.5. Shave the hair from the back of the neck up to the eyes using a scalpel blade, trimmer or depilatory cream. Clean the skin with a swab with an aseptic solution of 10% iodopovidone.

2.6. Remove the skin on the top of the head by holding with tweezers and cutting with scissors, forming an elliptical opening. Retract the periosteal membrane with tweezers to expose the skull. After exposing the skull, clean the surface with a swab soaked in 0.9% saline solution, then dry it with gauze.

2.7. Prepare the acrylic resin (dental cement). 

2.7.1. For each animal, use a microcentrifuge tube and fill it up to 500 L (approximately 300 mg) with dental uncolored powder (polymer).

2.7.2. Aspire 500 L of the liquid (monomer). 

NOTE: Different monomer/polymer ratios were tested, and the 1:1 V/V ratio was appropriate in our conditions.

2.7.3. Place the collected powder and liquid in a recipient and mix it with a small plastic shovel until obtaining a homogeneous liquid. 

CAUTION: The dental liquid can corrode polypropylene and polystyrene; the mixture should be made in polyethylene terephthalate (PET), ceramic, or glass containers.

2.7.4. Wait for the mixture to thicken a little to avoid bubble formation and make it easier to spread onto the skull surface, also making it less likely to leak onto the mouse’s eyes. 

2.8. Apply 3–4 small drops of veterinary cyanoacrylate-based glue on each side of the skull surface. Right after, using the small plastic shovel, spread the dental cement over the skull surface, covering the entire area without leaving openings. Apply just enough to cover the open area. Do not apply several layers of the dental cement or it will become too thick. The brain blood vessels must be visible. Apply it also a little beyond the edge, above the skin, making that area thicker to help the acrylic adhere.

CAUTION: Proper care must be taken when applying the liquid resin to prevent it from leaking onto the mouse’s eyes.

2.9. Using the small plastic shovel, model the acrylic layer, making the center thin (0.1–0.2 mm) for protection and transparency, and the edges thicker for stability and for protecting the surgical edges. Wait for the resin to dry up. Once dry, it will be rigid and no longer moldable (less than 3 min). This preparation will be called ‘acrylic helmet.’

2.10. Check the quality of the acrylic helmet by verifying that the brain vessels are visible, that it is not opaque, and that it does not have bubbles or white spots. If bubbles or white spots appear in the middle of the acrylic helmet, the measurements will be affected, and euthanasia of the mouse is recommended.

2.11. After applying the acrylic helmet, prepare a 1 mL syringe fitted with a 0.3 × 13 mm needle containing the non-steroidal anti-inflammatory Meloxicam (1.0 mg/kg, diluted in water for injection; total volume: 100 µL) and inject it subcutaneously.

2.12. Remove the mouse from the stereotaxic apparatus and return it to its cage. Place one mouse per cage and keep it under observation until it fully recovers from anesthesia. Cover the mouse with cotton to keep it warm while recovering.

2.13. The next day (24 h after the surgical procedure), give another dose of buprenorphine 1.0 mg/kg subcutaneously (as described in step 2.2).

3. Plasmodium berghei infection and antimalarial treatment

3.1. Thaw a mouse blood sample containing P. berghei ANKA (PbA) to room temperature and inject 150–200 µL intraperitoneally into the passage mouse. 

NOTE: Cryostabilates may have variable parasitemias (usually 4–10%), ensuring that passage mice will get infected.

3.2. After 4–5 days, when the passage mouse shows parasitemia in the range of 4–10%, prepare a 1 mL syringe fitted with a 0.3 × 13 mm needle with ketamine and xylazine and anesthetize the passage mouse intraperitoneally (ketamine 100 mg/kg; xylazine 10 mg/kg, total volume 100 µL).

3.3. Prepare a 1 mL syringe fitted with a 0.3 × 13 mm needle and a 1.5 mL microcentrifuge tube, both with 40 µL of heparin. Check the depth of anesthesia by verifying the loss of palpebral, tail, and pedal withdrawal reflex. 

NOTE: Only proceed to the next step if the mouse does not respond.

3.4. Collect blood by cardiac puncture and place the blood carefully into the microcentrifuge tube. Mix the blood gently by turning the tube. 

NOTE: The amount of blood to be used depends on the size of the experimental group to be infected, the hematocrit and parasitemia, but volumes of 100 to 500 L are usually enough to inoculate large numbers of animals.

3.5. Count the parasitemia and red blood cells and calculate to obtain an inoculum of 1 × 106 parasitized red blood cells. Prepare a final volume larger than necessary to infect the mice in the experimental group to compensate for any loss that may occur. The blood should be gently mixed in 1x PBS.

3.6. Prepare a 1 mL syringe fitted with a 0.3 × 13 mm needle with the inoculum and inject intraperitoneally 100 µL into the mouse of the experimental group.

3.7. On 6 dpi, check parasitemia and clinical signs of ECM. 

NOTE: Clinical, neurological signs may include ataxia, limb paralysis, hypothermia, convulsions, rollover, loss of righting reflex, and coma. We use rectal temperature under 36 C as a clinical indicator of ECM because in this model, affected mice always exhibit hypothermia.

3.8. Prepare the antimalarial drug sodium artesunate by dissolving artesunic acid in 5% sodium bicarbonate solution and saline 0.9% (final concentration of artesunate: 10 mg/mL). 

3.9. Prepare a 1 mL syringe fitted with a 0.3 × 13 mm needle with sodium artesunate and treat the mice that have ECM by injecting it intraperitoneally (100 µL for a dose of 40 mg/kg). Administer a second dose after 6 h.

NOTE: The mice in the experimental groups were infected the next day or 1 week after the acrylic helmet was implanted (Figure 1). 

4. Laser speckle with contrast imaging (LSCI) measurements

4.1. Start LSCI measurements. In the present study, we started the measurements 2 or 7 days after implanting the acrylic helmet to determine whether imaging shortly (2 days) or with a longer delay (7 days) would affect the results.

4.2. Turn on the LSCI equipment at least 10 min before using it to allow the laser time to warm up.

4.3. Place a heating pad at 36 C under the LSCI system. 

4.4. When the laser turns on, set the LSCI program: File | new recording; write project name; write site name; write subject name; write rec name; write operator name; measurement area: width: 1.5 cm; height: 1.7 cm; point density: normal; image capture setup: frame rate: 12 image/s; duration: until stopped; check box record with averaging: 5; color photo: one at beginning; performance: check box live calculations; uncheck box manual distance. Other information will appear automatically once these settings are applied.

NOTE: The recording name should be unique for each recording. It is possible to change the point density to high or low quality; this will only affect the image quality and consequently the document size, but the measurement values will remain the same.

4.5. Remove the mouse from its cage and place it in the anesthetic box of a digital low-flow infusion inhalation system with 5% isoflurane, with a gas flow of 0.80–0.85 L/min of the gas mixture (O₂ + isoflurane), for anesthetic induction.

4.6. Once the mouse is anesthetized, remove it and place it on the heating pad and accommodate the anesthetic output in the animal’s muzzle, with flowing isoflurane at 1.0–1.8%, with a gas flow of 0.70–0.85 L/min of the gas mixture (O₂ + isoflurane).

4.7. Clean the acrylic helmet with wet cotton and dry it with gauze. Place the mouse’s head under the red laser light. Make small marks on the edge of the acrylic helmet with a permanent marker to help guide the positioning of the ROI during data analysis.

4.8.  In the computer, check if the acrylic helmet area appears on the screen and adjust the height of the equipment so that the distance between the measured area and the laser is 10 cm (check the distance in measured value). 

4.9. Draw an ellipse over the area of interest for measurement (ROI) by clicking on the ellipse icon and a small circle in the corner without any blood flow by clicking in the circle icon (negative flow control). For the purposes of this study, the ellipse is positioned over the skull and stretched to cover as much of the thin acrylic layer as possible. Confirm that the ROI ellipse does not include areas covered with the thick acrylic layer in the edges. 

NOTE: The measured area can be adjusted after the recorded are finished. Blood flow in LSCI is measured in arbitrary perfusion units (APU). APU are relative, dimensionless units of measurement typically generated by non-invasive optical scanning technologies such as LSCI. APU represents the product of the concentration of moving blood cells, especially the vastly abundant red blood cells, and their mean velocity within a specific area of tissue.

4.10. Record for the time required for the experiments (here 5 min) by clicking on the play icon. To stop the recording, click on the stop icon and close the recording; it will be saved automatically. After stopping the recording, place the mouse back in its cage and keep it under observation until it regains consciousness. If the mouse moves, pause the recording, wait for the animal to stabilize, place the interest area in a similar position, and press play again.

4.11. Repeat the steps 4.2–4.9 after 4, 5, and 6 days.

4.12. Two days after the acrylic helmet implantation, perform the first CBF measurement using LSCI. Considering this first CBF measurement as day 1 (baseline), perform sequential measurements in healthy control mice on days 1, 5, 6, 7, and 13. 

4.13. To assess the potential of this method to detect changes in CBF in pathological conditions, also perform LSCI measurements in PbA-infected mice (ECM model). Carry out parasite inoculation the day before the first measurement and perform sequential CBF measurements on 1, 5, 6, and 7 dpi. 

NOTE: Considering the possibility that LSCI measurements taken close to 2 days after the surgical implantation of the acrylic helmet could interfere with CBF measurements, a second protocol was also tested in which LSCI measurements started later (7 days instead of 2 days after the acrylic helmet implantation) (Figure 1).

4.14. After finishing all measurements, prepare a 1 mL syringe fitted with a 0.3 × 13 mm needle and euthanize the mouse with a ketamine and xylazine overdose (300 mg/kg and 30 mg/kg, respectively), intraperitoneally. 

5. Data analysis

5.1.  To apply the same ROI in recordings of the same animal, open all its files (file | open recording | select the recording | open). Place the ROI above the region of interest by moving and resizing the previously created ellipse. Copy the ellipse by selecting it and ctrl + C and paste it in the next recording by clicking on the brain image by pressing ctrl + V. Compare the previous recording with this one to position the ROI in the same place. Use the black-and-white image to guide the ROI's position. 

5.2. Check the graph of ROI measurements. If it has unstable moments (very high or low peaks, or if the mouse moved during recording), cut these parts by clicking advanced | reduce file size | show more options; select the parts to exclude; check delete selection; press ok. Use the value in mean perfusion of the ROI as the final measurement value (e.g., if the negative control ROI was ROI 1 and the blood measurement was ROI 2, use ROI 2 in the study). 

REPRESENTATIVE RESULTS:
Healthy mice subjected to the surgical preparation in which the surface of the skull was exposed and covered by a thin layer of dental acrylic recovered well and displayed normal post-surgical behavior, without signs of discomfort or annoyance caused by the acrylic helmet, for a period of up to 15 days. The dental acrylic formed a thin, transparent layer that remained stable, without becoming opaque, over the 15-day follow-up period (Figure 2A). Mice were not followed for additional periods, but it is possible that the preparation remains stable for much longer. The thin acrylic layer and the skull itself were permeable to the laser penetration, allowing measurements of blood flow underneath (Figure 2B,C). 

To verify whether stable preparation would allow repeated and consistent measurements of CBF over time, healthy mice were subjected to LSCI for 13 days, starting 2 days after helmet implantation (day 1 baseline). No significant differences in CBF (arbitrary perfusion units - APU) were observed between measurements performed on days 1 (479.7  29.19), 5 (503.8  21.99), 6 (500.2  39.60), and 7 (507.0  41.36). However, when day 13 (462.5  40.64) was included, a significant difference (~9% decrease in mean APU) was detected on day 13 compared to day 7 (p = 0.0421), but not to the other days (Figure 3). These inter-day variations may reflect differences in the mice's behavior (e.g., more or less excited) or stress in each day, differences in the effect of the isoflurane anesthesia or other manipulation-related effects, and every measure to minimize such effects should be helpful. For instance, measures to avoid excessive stress on the animals during manipulation include prior training to acclimate them to the procedures. Also, tight control of the anesthesia apparatus and other equipment, such as the heating blanket, is required to avoid unwanted variations. And finally, the use of well-designed controls in any given experiment is important for determining the range of normal or acceptable variation over the course of the experiment.

In a few animals, we verified whether the thin layer of acrylic could interfere with the laser signal quality. For this, the mice underwent scalp removal surgery, including anesthesia, anti-pain and anti-inflammatory medication (buprenorphine 1 mg/kg and meloxicam 1 mg/kg), and an LSCI measurement was performed before the application of the acrylic layer. After the LSCI imaging, the acrylic layer was applied, allowed to dry, and another LSCI measurement was performed. The difference between the measurements was 10 min, the time needed to prepare, apply, and dry the acrylic helmet, and to reposition the animal for LSCI. As shown in Figure 4, the laser signal was not significantly affected between the measurements before and after the implantation of the thin acrylic layer.

Having established the features of CBF measurements in healthy mice, we sought to verify whether this system is adequate for detecting changes in CBF due to pathological conditions. For this, we used a well-established acute severe malaria model (P. berghei ANKA in C57BL/6 mice, which develop severe neurological complications in 6 days). Mice with the implanted acrylic helmet were infected with PbA, and LSCI measurements were performed up to 7 dpi. The evolution of CBF changes in one infected mouse is shown in the representative images in Figure 5. No changes in CBF (APU) were observed in infected mice between 1 (481.6  36.07) and 5 (497.5  47.48) dpi (p = 0.01728), but on 6 dpi, when severe neurological signs developed, a marked and consistent decrease (~25%) in CBF was observed (369.1  40.45) (p = 0.0004) (Figure 6A). In this case, each mouse served as its own control, comparing CBF at 6 dpi with its own CBF at 1 dpi. When CBF in PbA-infected mice on 6 dpi (369.1  40.45) was compared to non-infected healthy mice in a control group on the same day (492.6  35.47), the difference (also ~25% decrease) was highly significant as well (p < 0.0001). 

Mice with ECM were treated with artesunate, and CBF was measured 1 h, 6 h, and 24 h (7 dpi) again after treatment. The decrease in CBF occurred 6 h after treatment (282.1  67.30) (p = 0.0032 in relation to day 6 before treatment). On 7 dpi (24 h after artesunate treatment), there were 5 survivor mice (out of 12 treated) showing variable CBF values (minimum 172 and maximum 476), which is expected and reflects different responses to treatment.

To determine whether a shorter or longer delay between the acrylic helmet implantation and the start of LSCI measurements could influence the observed CBF, two groups were compared during PbA infection and antimalarial treatment: one with a 2-day delay and the other with a 7-day delay in imaging. There were no differences in CBF measurements between these two groups at any time point (Figure 6B). 

To analyze changes in cerebral blood flow over time, one-way ANOVA with Tukey’s post-test was used. To compare cerebral blood flow before and after acrylic implantation, and between CBF measurements made in mice with a 2-day or 7-day delay after helmet implantation in each timepoint, Student’s t-test was used.  

FIGURE AND TABLE LEGENDS:
Figure 1. Representative scheme of the three experimental groups. Healthy mice had CBF measured in LSCI on days 1, 5, 6, 7, and 13, starting 2 days after the helmet implantation (day 1 baseline – BL d1). The first ECM group was infected the day after surgery and had its CBF measured on the same days as the uninfected group, corresponding to 1, 5, 6, and 7 dpi. The second ECM group was infected one week after acrylic helmet implantation and had CBF measured on the same days as the first ECM group. Abbreviations: BL = baseline; CBF = cerebral blood flow; dpi = days post-infection; ECM = experimental cerebral malaria; LSCI = laser speckle contrast imaging.

Figure 2. Mouse skull, acrylic helmet, and laser speckle contrast images of a healthy adult C57BL/6 mouse over time. (A) Images of one healthy mouse subjected to the acrylic helmet implantation. Pictures were taken beginning two days after the helmet implantation, which was considered day 1 of imaging (D1, baseline), and then on D5, D6, D7, and D13. The preparation remained stable and clean throughout the 15 days of helmet implantation and the 13 days of LSCI measurements, with no signs of opacity in the acrylic or inflammation at the borders. (B) corresponding LSCI images of the mouse and time points shown in (A); the color range scale was adjusted to 0–300, allowing visualization of perfusion even in regions of slow flow (e.g., parenchyma surface without major vessels). (C) same LSCI images as in (B), but with the color scale adjusted to 0–700; this range emphasizes visualization of areas with higher flow, such as major pial vessels. The choice of the color scale range does not affect CBF measurements; it is only for documentation/visualization. This means that the CBF measurements within the ROI in the corresponding pictures in B and C are identical. Each investigator can choose the color scale range that best represents the phenomenon they wish to emphasize. The elliptical area drawn with the help of the software delineates the area, or region of interest in which the CBF measurements are made over time. The tiny circle at the top left of each image served as a reference for no flow. Abbreviations: CBF = cerebral blood flow; D = day; LSCI = laser speckle contrast imaging; ROI = region of interest.

Figure 3. Measures of cerebral blood flow in arbitrary perfusion units using laser speckled contrast imaging in healthy adult C57BL/6 mice over 13 days. Mice were subjected to the acrylic helmet implantation (see Protocol) and LSCI measurements started two days later (“day 1 baseline”) and were repeated in each mouse on days 5, 6, 7, and 13. (A) Measures in APU; (B) measures as % of baseline (day 1 = 100%). N = 10 mice (days 1–7; day 13 = 7 mice). No significant changes in CBF were observed between days 1, 5, 6, and 7; a significant difference was observed between day 13 and day 7 (p = 0.0421; one-way ANOVA with Tukey post-test). Abbreviations: APU = arbitrary perfusion units; CBF = cerebral blood flow; LSCI = laser speckle contrast imaging.

Figure 4. Impact of the thin acrylic layer on laser speckle contrast CBF measurements. (A) LSCI images of one mouse before and after application of a thin layer of acrylic on the skull. Observe that in the marginal areas of the skull where a thick layer of acrylic is applied to protect the preparation the laser signal is affected, whereas in the central area where the thin layer is applied (and where the region of interest is drawn) little disturbance is observed. (B) Measures of CBF (in APU) of mice before and 10 min after the application of a thin layer of acrylic on the skull. No difference in CBF was observed between the two conditions (Student’s t-test). Abbreviations: APU = arbitrary perfusion units; CBF = cerebral blood flow; LSCI = laser speckle contrast imaging; ROI = region of interest.

Figure 5. Laser speckle contrast images of a Plasmodium berghei-infected mouse. (A,B) LSCI images of one mouse subjected to the acrylic helmet implantation and infected with Plasmodium berghei ANKA. Corresponding images in A and B are identical, obtained from the same animal and timepoints, except that in A the color range scale was adjusted to 0–300 and in B to 0–500 for visualization purposes. Imaging in this case was performed on days 1 (D1), D5, and D6 post infection; the mouse showed signs of cerebral malaria on day 6 post infection, was imaged, treated with artesunate 40 mg/kg intraperitoneally, and then imaged again after 1 h (D6 1h) and 6 hours (D6 6h). The elliptical area delineates the region of interest in which the CBF measurements were made over time. The tiny circle on each image top left was used as reference for no flow. Abbreviations: CBF = cerebral blood flow; D = day; LSCI = laser speckle contrast imaging; ROI = region of interest.

Figure 6. Cerebral blood flow measurements over time in Plasmodium berghei-infected mice. (A,B) Measures of cerebral blood flow in arbitrary perfusion units using laser speckled contrast imaging in Plasmodium berghei ANKA-infected adult C57BL/6 mice over 7 days. (A) Mice were subjected to the acrylic helmet implantation (see Protocol), PbA was inoculated on the following day, and LSCI measurements were taken the next day (“day 1 baseline”) and were repeated in each mouse on days 5, 6, and 7. On day 6 post infection (6 dpi), mice developed severe neurological signs (cerebral malaria) and were treated with sodium artesunate 40 mg/kg (two doses, one in the morning of day 6 and the second 6 h later). Additional LSCI measurements were performed 1 h and 6 h after the first artesunate dose. Mice with ECM on 6 dpi showed a significant decrease in CBF compared to 1 dpi and 5 dpi (p = 0.0004 [asterisks]; one-way ANOVA with Tukey’s post-test). N = 12 mice. CBF further decreased 6 h after artesunate treatment compared to 6 dpi before treatment (p = 0.0032 [dashes]; one-way ANOVA with Tukey’s post-test). No statistical test was performed to compare CBF on 7 dpi with previous time points, because only 5 of 12 mice survived. (B) A variation of the imaging method was introduced, in which LSCI imaging began 7 days after helmet implantation (rather than 2 days as in A). PbA was inoculated the day before the first LSCI measurement, and imaging was performed on days 1, 5, 6, and 7. The same artesunate treatment protocol and day 6 imaging were performed as in A. The 2-day data (n = 12 mice) are shown in dark red and the 7-day data (n = 5 mice) in light red. No differences in CBF were observed at any time point between the 2-day and 7-day protocols (Student’s t test comparing 2-day versus 7-day in each time point). Abbreviations: ANOVA = analysis of variance; APU = arbitrary perfusion units; CBF = cerebral blood flow; dpi = days post-infection; ECM = experimental cerebral malaria; LSCI = laser speckle contrast imaging; PbA = Plasmodium berghei ANKA.

DISCUSSION:
New methodologies to improve protocols and reduce the number of animals required in studies are always necessary in science. Animal ethics committees worldwide strive to reduce suffering and unnecessary use of animals. Here, we presented a new, easy, and simple methodology for measuring CBF using LSCI in mice with cerebral malaria by implanting a chronic acrylic helmet. This technique enabled multiple measurements in the same animal, tracking CBF dynamics for up to 13 days, and demonstrated major CBF changes in a model of cerebral malaria. 

Critical steps
The acrylic helmet preparation proved to be very simple and fast. It requires cheap reagents and materials, and the acrylic preparation itself is simple. The gel application on the skull surface requires attention and care to achieve a thin, homogeneous layer over the area to be studied, which remained stable over several days, did not become opaque, and the mice showed no signs of discomfort during use. Adding 3 to 4 small drops of cyanoacrylate glue was important for the preparation's stability. Indeed, prior attempts to implement the thin acrylic layer without the glue led to loss of the preparation after a few days. The thicker layer at the edges of the preparation is also important for stabilizing and protecting it. To ensure the longevity of the preparation, it is recommended that the mice are kept separated from others in individual cages, as companion mice may remove the other mouse preparation. For the LSCI measurements in each animal, a region of interest (ROI) needs to be drawn within the area covered by the thin acrylic layer, avoiding the area in the edge where the acrylic is thick. The user needs to be careful to place the ROI in the same location in the different days of measurement for consistency. It is also critical that animal manipulation is carefully performed to avoid introducing sources of variation. A calm, silent environment and efforts to prevent or reduce stress – for instance, subjecting the animals to the procedures prior to the study itself – may have favorable impacts. The anesthesia set up and other accessory equipment such as the heating blanket need to be constantly checked and calibrated to ensure that the experimental conditions are not subjected to unwanted variations over time.

Limitations
In the present study, animals with implanted acrylic helmets were not kept for more than two weeks; therefore, for longer experiments, it is necessary to test the integrity of the acrylic helmet beforehand. Our data indicate that the thin layer (0.1–0.2mm) applied on the skull surface does not interfere with the laser signal, but we have not tested at which magnitude of thickness this interference may occur. Variations in the thickness of the acrylic layer indeed may occur between animals, but as long as it is kept within the 0.1–0.2 mm this should not result in interference with the laser. The advantage of the present methodology is that each animal serves as its own control, as LSCI measures can be performed before and after a given intervention (for instance, infection), thus largely downplaying the concerns regarding inter-animal variations in acrylic layer thickness. During the 2 weeks, we did not observe visible changes in opacity of the preparations. We expect that opacity should not be a major concern, given the very thin nature of the acrylic layer. One should, however, always be careful with the cleanness of the acrylic surface, as dust can accumulate. Finally, this methodology requires that the animal is put to sleep with mild inhalation anesthesia, and even mild anesthesia can affect CBF measurements27. In our previous study using LSCI in ECM10, we used urethane as anesthetic, which has minimal effect on the respiratory and cardiovascular systems and a prolonged effect28, but this anesthetic is highly discouraged in repeated procedures because it is carcinogenic and can be only used terminally29. 

Troubleshooting
The present procedure is simple, and therefore, if performed carefully, not many problems should arise during experiments. If the helmet preparation detaches, it can, in principle, be replaced. A replacement can potentially be slightly different in terms of layer thickness, but even so this should not be a major source of variation. In case the investigator considers that the replacement is risky, the mouse should be subjected to euthanasia. For longer-term experiments, it is possible that the acrylic opacity may increase, for instance, due to accumulated sticky dust. Keeping the acrylic clean with a dry gauze should prevent this, and a control group is required to ensure measurement stability. 

Comparison to alternatives
This protocol was developed to be less invasive and less aggressive, enabling rapid recovery and quick assessment of disease progression. There are some chronic cerebral window methods that can be used for LSCI, but they generally require more complex and aggressive surgery, needing at least two weeks of recovery so that local inflammation does not affect cerebral vessels and tissue and so that the window can be established25. Skull clearing is not as aggressive and can be a good alternative to a chronic cranial window, but it depends on the chemical agent used not being toxic or biologically incompatible 24. In any case, to be used in repeated measurements over time, skull clearing or skull thinning preparations would need to be protected just like our method, therefore our acrylic helmet method could actually be used associated to these procedures. Methods such as MRI16 and SPECT17 can be very useful to generate data on CBF and related information such as metabolic changes, edema and cell traffic, but they are also subjected to limitations such as expensive equipment, the size of vessels that can be analyzed and the need for the use of radioactive markers.

This new methodology, described here, allowed for repeated LSCI-based CBF measurements in mice to be performed on the same animal in healthy and disease states. This enables analysis of CBF in mice and monitoring during infection, aiding understanding of how PbA infection affects blood flow. Furthermore, it allowed monitoring of how antimalarial treatment affects CBF at different time points. Monitoring the same animal over time provides more reliable information about the development of any disease, as it strongly reduces the noise introduced by natural variability among animals, thereby refining protocols and substantially reducing the number of animals, which is desirable according to the 3Rs principles of animal experimentation. In this regard, for instance, in Figure 6, where 12 mice had their CBF measured in six timepoints (days 1, 5, 6, 6 + 1h, 6 + 6h, and 7), without the repeated measurements allowed by the acrylic helmet method there would be a need for six groups of mice (one for each timepoint). Such an experiment would therefore require 72 mice instead of the 12 used in this study.
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