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SUMMARY: 
This protocol presents a microfluidic system for studying the microbial precipitation of manganese oxide minerals. Biomineral formation is measured in situ with optical microscopy and image analysis. This approach can be adapted to investigate the precipitation of other distinctively colored biogenic minerals in porous environments. 

ABSTRACT: 
Microorganisms commonly precipitate metal oxide nanoparticles in soils, sediments, and other environmentally relevant porous media. However, the formation and reactivity of manganese (Mn) and iron (Fe) oxides remain poorly characterized in physically complex environments. While laboratory systems can incorporate porous media as a substrate, they require destructive sampling and are not readily amenable to pore-scale analyses. The dynamic yet inaccessible nature of porous media, therefore, requires the ability to resolve microbially mediated mineral precipitation in situ and in real time. To close this gap, a microfluidic platform is developed to evaluate microbial precipitation of metal oxides in a model pore space. This platform is validated with the Mn-oxidizing bacterium Pseudomonas putida GB-1. Biofilm development and associated Mn oxide precipitation are visualized under continuous flow with time-lapse color brightfield microscopy. An image subtraction algorithm is then combined with endpoint mass measurements to estimate the rate of Mn oxide precipitation. This approach provides a tool to systematically test how microbial precipitation of metal oxides varies in response to changing physical and chemical conditions. 

INTRODUCTION: 
Metal oxide minerals play a critical role in biogeochemical cycling1. Manganese (Mn) and iron (Fe) oxides are negatively charged at circumneutral pH and readily sorb cationic metals2–8, regulating micronutrient availability and contaminant mobility in the rhizosphere and hyporheic zone. These minerals influence the stability and degradation of organic matter9–12, dictating carbon uptake by plants and soil microbes. In engineered systems (e.g., water treatment filters, constructed wetlands), metal oxide precipitation is directly leveraged for Mn or Fe removal and remediation of co-occurring contaminants13–17. These metal oxides are identifiable by their characteristic colors, which range from ochre to dark brown to black18,19.

The precipitation of metal oxides is commonly facilitated by microorganisms in a process known as biomineralization20–22. Numerous Mn-oxidizing bacteria and fungi synthesize multicopper oxidases and peroxidases that catalyze electron transfer from Mn(II) to Mn(III) and Mn(IV) under aerobic conditions, resulting in the precipitation of birnessite-like Mn(III, IV) oxide minerals2,23,24. Additionally, diverse Fe-oxidizing bacteria enzymatically oxidize Fe(II) to Fe(III) in circumneutral or acidic environments limited in oxygen, producing Fe(II, III) (oxyhydr)oxides, including ferrihydrite and magnetite25–28. These biogenic minerals precipitate adjacent to cell surfaces and accumulate on extracellular polymers, sheaths, and other cellular structures, forming microbe-mineral assemblages2,23,25,27,29,30. 

Despite the ubiquity of Mn and Fe biomineralization in complex environments, pore-scale insights are lacking. Pore spaces are structurally heterogeneous, exhibiting preferential fluid flow and nonuniform reactant transport that dictate the distribution of biogeochemical reactions31–35. Further, microbial activity may generate local geochemical gradients that promote or limit biomineralization, while fluctuations in pore fluid chemistry (e.g., pH, dissolved oxygen, redox potential) may enhance mineral precipitation or facilitate dissolution34,35. Studies of Mn and Fe biomineralization typically rely either on well-mixed batch conditions30,36–40 or columns41–44 to quantify oxidation kinetics or characterize biomineral precipitates. However, batch experiments lack the spatial heterogeneity inherent to porous systems. Columns containing packed granular media provide relevant physical architecture but are limited in their utility because they require destructive sampling at static timepoints, which halts the experiment progression and prevents unperturbed pore-scale observations. Therefore, new experimental approaches are needed to investigate the microbial precipitation of metal oxides in porous media. 

Microfluidic systems are a tool to study biogeochemical reactions in situ and in real time. Microfluidic reactors can be fabricated rapidly and at low cost with reproducible and customizable geometries that simulate natural or idealized porous media45. The resulting devices are optically transparent, facilitating non-destructive visualization and quantification of pore-scale processes, including biofilm formation46–49, hotspot development50,51, abiotic metal precipitation52,53, and calcite biomineralization34,54–56. Additionally, microfluidic systems allow users to control and systematically vary boundary conditions, including metal concentration, presence or absence of dissolved oxygen, and fluid flow rate. Finally, depending on the reactor substrate material, direct measurements of microbe-mineral-fluid interactions can be acquired using X-ray, Raman, or infrared spectroscopy57. The development of such a microfluidics-based platform for metal oxide precipitation thus provides an avenue for novel research on the formation and reactivity of Mn or Fe mineral phases that drive carbon, nutrient, and contaminant cycling in porous environments. 

This work uses Mn biomineralization as a case study to quantify the microbial precipitation of Mn oxides in a dynamic porous environment. The following protocol demonstrates how to fabricate and inoculate a microfluidic reactor with Pseudomonas putida GB-1, a model bacterium known to oxidize Mn(II) to Mn(III, IV) at its stationary phase of growth58,59. Using a pressure-based flow control system, nutrient-rich growth medium and minimal salt solution are sequentially injected to promote biofilm formation and induce Mn oxide precipitation, respectively. High-resolution color brightfield images of the microfluidic pore space are collected at regular time intervals, capturing the color contrast between P. putida GB-1 biofilms and accumulating Mn oxides. At the end of each experiment, all Mn oxides contained within the reactor are digested, and the total mass is measured with inductively coupled plasma mass spectrometry (ICP-MS). The rate of Mn oxide precipitation is estimated as a function of time by integrating these endpoint mass measurements with an image subtraction algorithm. This workflow can be readily adapted to investigate other organisms or metal oxide precipitation processes under a variety of environmental conditions.

PROTOCOL: 
NOTE: This protocol makes several assumptions about users' background knowledge and available instrumentation. First, users should either have access to a cleanroom and be familiar with photolithography procedures to fabricate a microfluidic mold or purchase a commercial mold. Next, users should be familiar with basic microbiology methods, such as using aseptic technique, preparing stock solutions, and streaking plates. Users also need access to an autoclave, microcentrifuge, shaker incubator, and mass spectrometer. Finally, users should be proficient with optical microscopy and image analysis. 

1. Microfluidic reactor fabrication and assembly

NOTE: The microfluidic reactors used in this protocol are designed in AutoCAD with a sand grain geometry adapted from Wang et al.55. Each mold produces six replicate channels with a 15 mm  10 mm pore space, porosity of 0.41, and pore volume of 2.3 µL. Except for plasma treatment, reactors are fabricated in a laminar flow cabinet to maintain a low-dust environment. 

1.1. Cast the microfluidic channels in polydimethylsiloxane (PDMS) using soft lithography.

1.1.1. In a plastic cup, weigh elastomer base and curing agent in a 10:1 ratio (here, 25 g and 2.5 g, respectively).

1.1.2. Using a plastic knife, mix the elastomer base and curing agent thoroughly for 10 min.

1.1.3. Degas the PDMS in the cup using a vacuum desiccator for 1 h to remove air bubbles.

1.1.4. Pour the PDMS into the mold and degas for 30 min to remove any residual air.

1.1.5. Place the mold on a hot plate and cure for 3 h at 95 °C.

1.1.6. Once cured and cooled, use a scalpel to cut out the PDMS and peel it from the mold. 

1.1.7. On a cutting mat, cut the six microfluidic channels apart with a razor blade, leaving 2–3 mm around the edge of each channel. Punch inlet and outlet holes in each channel with a biopsy punch.

1.1.8. Cover both sides of each microfluidic channel with a strip of clear tape to prevent dust accumulation and store in a 100-mm Petri dish.

1.2. One day prior to the experiment, assemble the final microfluidic reactor with air plasma.

1.2.1. Remove the clear tape from one microfluidic channel, then rinse the PDMS and a glass cover slip with 70% ethanol and dry with compressed nitrogen. 

CAUTION: Ethanol is flammable. Handle and store according to the safety data sheet.

1.2.2. Place the microfluidic channel and cover slip face-up in a plasma cleaner. Evacuate the chamber for 1 min, then apply plasma for 1 min (18 W and ~0.5 torr).

1.2.3. Remove the microfluidic channel and cover slip from the plasma cleaner and place the cover slip onto the PDMS, tapping gently to ensure that the features bond to the cover slip. Store the assembled reactor in a 100-mm Petri dish overnight.

2. Microfluidic flow control system

NOTE: A modular system from Elveflow is used to facilitate sequential fluid injection with minimal disruptions to pressure and flow rate. System components include an air compressor, flow controller, distribution valve, flow sensor, fluid reservoir rack (for 15-mL conical tubes), and Elveflow Smart Interface (ESI) software (Figure 1). Other flow control systems, such as syringe pumps, can be used either in infusion or withdrawal modes, with dedicated syringes or reservoirs for each influent solution and a low dead volume splitter valve to facilitate sequential fluid injection through a single tubing line. However, care should be taken with syringe pumps to minimize pressure fluctuations that may dislodge biofilms.

[Place Figure 1 here].

2.1. Set up and calibrate all hardware per the manufacturer's instructions.

NOTE: The fluid reservoir rack, distribution valve, and flow sensor are installed inside a custom-built microscope incubator to maintain the experiment at 30 °C.

2.2. Set the air compressor pressure regulator to 3 bar and connect the air compressor outlet to the flow controller inlet with pneumatic polyurethane tubing.

2.3. Attach a hydrophobic filter to the flow controller outlet to prevent fluid backflow, then connect the flow controller to two inlet ports of the fluid reservoir rack with pneumatic polyether polyurethane tubing using a manifold and barbed adapters.

2.4. Connect the fluid reservoir rack, distribution valve, and flow sensor with tubing as follows, using flangeless fittings for 1/16-in outer diameter tubing unless otherwise noted.

2.4.1. Connect two outlet ports of the fluid reservoir rack to the first two inlet ports of the distribution valve with 80 cm of 1/32-in inner diameter (ID) polytetrafluoroethylene (PTFE) tubing.

2.4.2. Connect the outlet port of the distribution valve to the inlet port of the flow sensor with 15 cm of 500-µm ID PTFE tubing and an adapter fitting.

2.4.3. Attach 60 cm of 63.5-µm ID polyether ether ketone (PEEK) tubing to the outlet port of the flow sensor using an adapter fitting. 

NOTE: For experiments requiring different flow rates, adjust the PEEK tubing length as needed to provide sufficient fluidic resistance for flow stability.

2.4.4. Connect the PEEK tubing to 10 cm of 500-µm ID PTFE tubing using a union fitting.

2.4.5. Attach the PTFE tubing to the inlet port of a microfluidic bubble trap fitted with a PTFE membrane filter (pore size ~10 µm). 

2.4.6. Attach 75 cm of 200-µm ID PTFE tubing to the bubble trap outlet port to create back pressure for effective bubble removal. This tube will attach to the microfluidic reactor inlet hole.

2.5. Before every experiment, sterilize the flow control system with all tubing and hardware connected by flushing a 1% bleach solution for three times the system volume (~4 h per tubing line at 7.0 µL·min-1), followed by sterile ultrapure water for the same duration.

2.6. Between experiments, clean the flow control system as follows. 

2.6.1. Rinse the distribution valve and flow sensor by flushing 100% isopropanol and sterile ultrapure water to prevent buildup of residues or precipitates.

CAUTION: Isopropanol is flammable. Handle and store according to the safety data sheet.

2.6.2. Autoclave the bubble trap.

2.6.3. Replace the bubble trap membrane filter and 200-µm ID PTFE tubing after each experiment to prevent clogging (membrane filter) or bacterial colonization (tubing).

3. Experimental media and solutions

3.1. Prepare liquid Luria Broth (LB, Miller's formulation) medium by autoclaving 2.5% LB powder in ultrapure water at 121 °C for 20 min. For LB agar plates, autoclave 2.5% LB powder and 1.5% agar in ultrapure water at 121 °C for 20 min, then pour into 100-mm Petri dishes (~20 mL per dish) and let cool until solid.

3.2. From filter-sterilized stock solutions prepared with American Chemical Society (ACS) or bacteriological grade reagents in ultrapure water, make 30 mL of each of the following. Salt solution and growth medium composition are adapted from Gehin et al.59. 

3.2.1. Prepare salt solution without Mn(II) (SS0): 0.4 mM CaCl2·2H2O, 0.25 mM MgSO4·7H2O, 0.25 mM Na2HPO4·2H2O, 0.15 mM KH2PO4, 1:2 Fe(III)-EDTA (20 µM FeCl3·6H2O and 40 µM EDTA adjusted to pH 6.5 with 1M NaOH), 10 mM HEPES buffer (adjusted to pH 7.0 with 1M NaOH), 5 mM (NH4)2SO4, and trace metals (40 nM CuSO4·5H2O, 273 nM ZnSO4·7H2O, 84 nM CoCl2·6H2O, 53.7 nM Na2MoO4·2H2O) in sterile ultrapure water.

3.2.2. Prepare salt solution with Mn(II) (SSMn): Same as SS0 with 50 µM MnCl2·4H2O added.

3.2.3. Prepare growth medium without Mn(II) (GM0): Same as SS0 with 1.5 g·L-1 yeast extract and 1.5 g·L-1 casamino acid added.

3.2.4. Growth medium with Mn(II) (GMMn): Same as GM0 with 50 µM MnCl2·4H2O added.

CAUTION: Salt solutions and growth media contain metals with both health and environmental hazards. Handle and store according to the safety data sheets. 

3.3. Prepare an acid solution containing 40 mM oxalic acid dihydrate and 2% nitric acid in ultrapure water for the digestion of the Mn oxides inside the microfluidic reactor. 

CAUTION: Oxalic acid dihydrate and nitric acid are corrosive, and nitric acid is a strong oxidizer. Handle and store according to the safety data sheets. 

3.4. Prepare a 1% nitric acid solution in ultrapure water for ICP-MS sample dilution.

4. Bacterial culturing

NOTE: Bacterial culturing is performed with aseptic technique on the benchtop using a Bunsen burner. Materials are sterile unless otherwise noted. Incubation durations are specific to P. putida GB-1 and may need to be adjusted for other microorganisms.

4.1. From a -80 °C stock, streak P. putida GB-1 on an LB agar plate. Incubate the plate for approximately 20 h at 30 °C to allow growth of bacterial colonies.

4.2. The evening before the experiment, add 10 mL of LB medium to a 50-mL conical tube and inoculate with one plate colony. Incubate the LB preculture in a shaker incubator at 30 °C and 180 rpm for 16 h to reach the stationary phase.

4.3. After 16 h of incubation, aliquot 1 mL of LB preculture into a 1.5-mL microcentrifuge tube and centrifuge for 1 min at 8,000 x g to pellet the bacteria.

4.4. Wash the aliquot three times to remove spent LB medium by discarding the supernatant, resuspending the cell pellet in 1 mL of SS0, and centrifuging for 1 min at 8,000 x g. Resuspend the final pellet in 1 mL of SS0.

4.5. Measure the optical density (OD600) of the washed cell suspension in a nonsterile cuvette with a cell density meter. Expected OD600 for P. putida GB-1 is 3.6–3.8 at this step, so at least a 5-fold dilution in SS0 is required.

4.6. Inoculate 20 mL of GM0 with washed cell suspension to an initial OD600 of 0.01 in a 50-mL Erlenmeyer flask. Incubate at 30 °C and 180 rpm for 6 h to reach mid-exponential phase.

5. Biomineralization experiment 

5.1. The morning of the experiment, prime the flow control system.

5.1.1. Pre-heat the microscope incubator to 30 °C. 

5.1.2. Pour 10 mL of GMMn and SSMn into two 15-mL conical tubes and connect the tubes to the fluid reservoir rack. Flush SSMn for approximately three times the system volume (~4 h at 7.0 µL·min-1), followed by GMMn for the same duration. 

5.2. Saturate the prepared microfluidic reactor 5 h after inoculating the mid-exponential culture.

NOTE: Reactor saturation and inoculation are performed with aseptic technique on the benchtop using a Bunsen burner. Materials are sterile unless otherwise noted.

5.2.1. Degas the reactor in a vacuum desiccator for 20 min.

5.2.2. While the reactor is degassing, draw 1–2 mL of SS0 into a 3-mL plastic syringe, then attach a blunt-tip needle and 20 cm of 0.02-in ID Tygon tubing. Press the syringe plunger until the tubing is fully saturated. 

5.2.3. Remove the reactor from the desiccator, then attach the tubing to the reactor outlet hole with angled tweezers and manually saturate the reactor with the syringe until a droplet forms at the reactor inlet hole. 

5.2.4. Attach 20 cm of 0.02-in ID Tygon tubing to the reactor inlet hole. Continue dispensing SS0 into the reactor until all air bubbles are removed (200–300 µL). 

5.3. Prepare the reactor inoculum and inoculate the microfluidic reactor.

5.3.1. Remove the mid-exponential culture from the shaker incubator 6 h after inoculation and measure the OD600. Expected OD600 is 1.6–1.8 at this step, so a 4-fold dilution in SS0 is recommended. 

5.3.2. Dilute the mid-exponential culture in 2 mL SSMn to an initial OD600 of 0.005 in a 2-mL microcentrifuge tube. Invert the tube several times to mix.

5.3.3. Place the reactor inlet tubing in the microcentrifuge tube, ensuring that a droplet of fluid contacts the inoculum to prevent air introduction in the tubing. Partially close the microcentrifuge tube and secure the lid with tape to prevent contamination.

5.3.4. Withdraw 4–5 mL of SSMn into a 5-mL glass gas-tight syringe to wet the barrel, then dispense until 0.5 mL remains in the syringe. Load the syringe into a syringe pump.

5.3.5. Remove the needle from the plastic syringe and attach it to the glass syringe, taking care not to trap air in the needle hub.

5.3.6. Inoculate the reactor with the syringe pump by withdrawing the inoculum into the reactor for 20 min at a flow rate of 8.33 µL·min-1 (~70 pore volumes).

5.3.7. Following inoculation, turn off the syringe pump and allow the bacteria to settle and attach for 1 h with no flow. 

5.3.8. After 1 h, remove the syringe from the pump but leave it connected to the outlet tubing. 

5.4. Connect the inoculated microfluidic reactor to the flow control system.

5.4.1. Move the reactor and syringe from the benchtop to the microscope incubator.

5.4.2. On the microscope stage, remove the inlet tubing from the reactor. 

5.4.3. Push gently on the syringe plunger to create a droplet at the reactor inlet hole. 

5.4.4. Manually bend the PTFE tubing from the flow control system at a right angle (~1 cm from the end of the tubing) so that it interfaces perpendicular to the PDMS surface, minimizing lateral forces and air intrusion into the reactor inlet hole. 

5.4.5. Dip the end of the PTFE tubing into a solution of 1% polyethylene glycol diacrylate (PEG-DA) to wet the hydrophobic tubing exterior. Ensure a droplet of GMMn at the end of the PTFE tubing, and attach the tubing to the reactor inlet hole.

5.4.6. Disconnect the syringe and place the outlet tubing into a nonsterile 5-mL microcentrifuge tube to collect the reactor effluent. 

5.4.7. Set the flow rate to 1.33 µL·min-1 in the flow control system software. Set up a program to supply GMMn for 15 h (~500 pore volumes) to promote biofilm formation, followed by SSMn for 28.5 h (~1,000 pore volumes) to induce Mn biomineralization.

5.5. Mount the microfluidic reactor in the microscope stage insert.

NOTE: A custom-built ultraviolet-C (UVC) irradiation system attached to the microscope stage insert is used to mitigate unwanted bacterial growth and mineral precipitation outside of the microfluidic pore space (Figure 2). This design is adapted from Ramos et al.60 and can be controlled with an automated program. See Fadely et al.61 for details. 

[Place Figure 2 here].

5.5.1. Place a sample frame underneath the reactor for stability, then rigidly mount the frame and reactor in the stage insert, ensuring that they are fully immobilized. 

5.5.2. Affix the PTFE tubing to the stage insert with a piece of tape to prevent the tubing from detaching from the reactor inlet hole.

5.5.3. Align the UVC arms to a distance of 3 mm from the pore space edge on the inlet side and 2 mm on the outlet side to minimize scattering of ultraviolet light and biofilm damage within the pore space.

NOTE: Proper UVC alignment will result in little to no biomass accumulation in the reactor inlet region (Figure 3A). Alignment of the UVC arms too far from the inlet edge of the pore space (Figure 3B) or an absence of irradiation (Figure 3C) results in mineral precipitation upstream of the pore space. 

[Place Figure 3 here].

5.5.4. Set up a program for reactor irradiation. Treat the reactor inlet and outlet regions for 5 min at t = 0 h to inactivate bacteria deposited during inoculation, then treat the outlet region only for 5 min at t = 17.5 h to inactivate any remaining biofilms.

6. Optical time-lapse microscopy 

NOTE: A Nikon Ti2 Eclipse inverted epifluorescence microscope equipped with a digital camera (2304 x 2304 pixels per field of view), white light engine, 4x objective (1.62 µm·pixel-1), and NIS Elements software is used for color brightfield imaging. Other optical microscopes capable of color imaging are also suitable. The use of color imaging improves sensitivity to low Mn oxide mass. If time-lapse automation is not an option, users can collect images manually and post-process them as a time series.

6.1. For high-quality images, perform the following alignment and correction steps:

6.1.1. To ensure even sample illumination, manually adjust the Köhler alignment following the manufacturer's instructions. 

6.1.2. Optimize the brightfield illumination to prevent image under- or over-saturation (Fusion Pad > Color > Auto Brightness and Fusion Pad > Color > Auto White).

NOTE: It is best to optimize the brightfield illumination only once on a reactor that already contains biofilms and Mn oxides, then apply the same exposure time and color balance to all subsequent experiments for consistent illumination. Here, a 5 ms illumination with red at 97.58%, green at 44.76%, and blue at 100% is used.

6.1.3. To prevent quilting artifacts when acquiring stitched images of the microfluidic pore space, apply a shading correction (Acquire > Shading Correction Panel).

6.2. Set the center coordinate of the stitched image (ND Acquisition > XY).

6.3. Set up the stitched image scan area (here, 5 x 4 fields of view) and apply a 1% overlap (ND Acquisition > Large Image). 

6.4. Set up acquisition of color brightfield images with the 4x objective (ND Acquisition > λ).

6.5. Set up the imaging frequency with intervals of 1 h for 15 h (growth phase) and 0.5 h for 28.5 h (mineralization phase) (ND Acquisition > Time), then run the time-lapse program.

NOTE: The duration of the growth and mineralization phases is specific to P. putida GB-1 and can be adjusted as needed for other microorganisms. 

6.6. When the experiment is complete, export the images as Tagged Image File Format (TIFF) (Macro Panel > Export Images to TIFF). 

7. Acid digestion and Mn mass measurement

NOTE: An ICP-MS is used to measure Mn mass retained in the microfluidic reactor, but other instruments, such as optical emission spectrometers (ICP-OES), are also acceptable. If analytical instrumentation is not available, acid-digested samples may be sent to a commercial laboratory.

7.1. At the end of the experiment, remove the reactor from the microscope stage insert and disconnect the inlet and outlet tubing.

7.2. Withdraw 1.5 mL acid solution into a 5-mL glass gas-tight syringe (separate from the inoculation syringe). Attach a blunt-tip needle and 20 cm of 1/32-in ID PTFE tubing to the syringe and manually dispense acid until a droplet forms at the end of the tubing.

7.3. On the benchtop, load the syringe into a syringe pump and connect the tubing to the reactor inlet hole, taking care not to trap air bubbles, which may prevent the acid solution from permeating all pores. Connect 30 cm of 1/32-in ID PTFE tubing to the reactor outlet hole and place the end of the outlet tubing into a 2-mL microcentrifuge tube. 

7.4. Inject acid solution into the reactor for 10 min at a flow rate of 100 µL·min-1.

7.5. Following acid solution injection, disconnect the blunt-tip needle from the glass syringe. Fill a 10-mL plastic syringe with air and connect to the blunt-tip needle, then manually dispense all the air in the syringe to drain the remaining acid from the reactor and tubing into the 2-mL microcentrifuge tube.

NOTE: While a small volume of acid solution may remain trapped within the pore space after air injection, it is negligible relative to the total injected volume. Users working with lower-porosity geometries may consider flushing additional volumes of air to remove fluid films and residual acid from poorly connected pores.

7.6. Dilute the digested sample in 1% nitric acid according to the ICP-MS calibration range. Here, prepare a 100x dilution (5 mL total volume) in a 15-mL conical tube.

7.7. Measure the Mn concentration in the diluted sample with ICP-MS. Correct the measured concentration with the dilution factor and total sample volume to determine the Mn mass retained in the reactor.

8. Image analysis

NOTE: MATLAB is recommended due to its built-in functions for image analysis, which are included in the text. However, other tools such as ImageJ or Python's image analysis libraries can also be used to perform comparable analyses. Key image analysis steps are shown in Figure 4. All image analysis scripts are provided as Supplemental Files (Supplementary File 1, Supplementary File 2, and Supplementary File 3). 

[Place Figure 4 here].

8.1. Load a high-resolution TIFF of the microfluidic pore space geometry (exported from AutoCAD) into the workspace to use as a grain mask (imread). 

8.2. Straighten and register the color brightfield images to effectively apply the grain mask.

8.2.1. Generate a registration binary of the first timepoint image (t = 0 h). 

8.2.1.1. Load the color brightfield TIFF into the workspace (imread).

8.2.1.2. Crop the image slightly larger than the size of the pore space (imcrop).

8.2.1.3. Sharpen the image to improve the resolution of grain boundaries (imsharpen).

8.2.1.4. Binarize the image using an adaptive threshold that prioritizes dark features (rgb2gray, adaptthresh with foreground polarity = "dark" and sensitivity adjusted as needed, imbinarize, imcomplement).

8.2.1.5. Fill the grains of the resulting registration binary to make solid features (imfill with "holes" specified). Note that not all grains may be filled.

8.2.1.6. Erode the registration binary as needed to remove background noise, then dilate to replace lost pixels at grain edges (imerode, imdilate).

8.2.2. Use a scale-invariant feature transform (SIFT) registration algorithm to calculate the transformation matrix needed to align the registration binary from step 8.2.1 to the grain mask (detectSIFTFeatures, extractFeatures, matchFeatures, estgeotform2d with transform type = "affine"). 

8.2.3. Apply this transformation matrix to the registration binary and first timepoint image, then overlay them with the grain mask to assess fit (imwarp, imshowpair).

8.2.4. If poor alignment persists after the SIFT registration, apply local registration as needed (cpselect, fitgeotform2d with transform type = "lwm", imwarp).

8.2.5. Crop the registered image and grain mask as needed to remove registration artifacts at the matrix edges, then resize to the pore space dimensions (15 mm  10 mm) (imcrop, imresize). 

8.2.6. Loop through all the color brightfield images to apply the same registration (imwarp).

8.3. Visually identify a reference image (tref, Panel 1 in Figure 4) when biofilms first enter stationary phase, determined as a lack of continued movement or growth (here, t = 18.5 h).

8.4. Binarize each timepoint image (tn, Panel 2 in Figure 4) (rgb2gray, adaptthresh with foreground polarity = "dark" and sensitivity adjusted as needed, imbinarize, imcomplement) such that biofilm-biomineral assemblages = 1 and grains and empty pores = 0. Multiply each timepoint mask by the inverted grain mask (imcomplement) to remove residual grain boundaries.

8.5. Multiply tn by its corresponding timepoint mask (Panel 3 in Figure 4) to isolate the biofilm-biomineral region of interest (Panel 5 in Figure 4), then multiply tref by each timepoint mask to isolate the same region (Panel 4 in Figure 4).

8.6. Subtract all masked tn from the masked tref to quantify the decrease in pixel intensity associated with Mn oxide accumulation at each time point (imsubtract), then convert to composite intensity-corrected matrices (rgb2gray, Panel 6 in Figure 4).

8.7. To evaluate the mineral spatial distribution across the pore space (a.u.), sum along the columns (sum with dimension = 1) of each intensity-corrected matrix. 

8.8. To estimate the rate of Mn oxide precipitation over time (micrograms per hour):

8.8.1. Sum each intensity-corrected matrix (sum with dimension = "all") to quantify the total corrected intensity at each time point.

8.8.2. Divide the total corrected intensity at each time point by the total corrected intensity at the final time point such that the final time point = 1 and all preceding values are fractional. Rescale to µg by multiplying by the Mn mass measured with ICP-MS. 

8.8.3. Take the derivative with respect to time by dividing the increase in mass (µg) between sequential timepoints (diff) by the time interval between images (0.5 h).

REPRESENTATIVE RESULTS: 
This protocol provides an experimental platform for spatiotemporally resolved imaging of biofilm formation and Mn biomineralization. Color brightfield images demonstrated that P. putida GB-1 biofilms were uniformly distributed throughout the microfluidic pore space at t = 18.5 h prior to the onset of Mn oxide precipitation (Figure 5A). Subsequently, Mn oxides preferentially accumulated on the inlet side of the pore space closest to the influent Mn(II) source (Figure 5B). The difference between the reference image and subsequent image timepoints revealed the isolated contribution of Mn oxide precipitates to the overall image intensity (Figure 5C) and enabled quantification of the observed reactor-scale gradient in mineral accumulation (Figure 5D). At the biofilm scale, this image subtraction approach captured the gradual precipitation of Mn oxides on biofilm surfaces and accumulation of minerals at the edges of biofilms in contact with pore fluid (Figure 6). 

The protocol further provides a workflow to estimate the kinetics of Mn oxide precipitation from image subtraction and ICP-MS measurements. Triplicate microfluidic reactors contained 4.29 ± 0.22 µg Mn at the final experimental time point. Acid digestion of the reactor contents was validated previously using synchrotron-based measurements of Mn oxide mass and found to result in less than 18% error61. Therefore, the intensity-corrected matrices were rescaled to this final mass. The resulting estimated rate of Mn oxide precipitation was non-monotonic, increasing steeply between t = 19.5 h and t = 21 h, before peaking at 0.29 ± 0.04 µg·h-1 and decelerating gradually until t = 43.5 h (Figure 7). It should be noted that this rate calculation does not account for any nanoparticulate Mn oxides below the resolution of the optical microscope or for any oxide mass lost due to transport over the experiment duration, which is expected to be minimal. This approach therefore takes advantage of accessible microscopy techniques to semi-quantitatively evaluate temporal trends in biomineralization kinetics.   

FIGURE AND TABLE LEGENDS:
Figure 1: Flow control system and microfluidic reactor geometry. The experimental system consists of a (1) flow controller connected via (2) pneumatic tubing to a (3) fluid reservoir rack, a distribution valve to provide (4) sequential injection of growth medium (GMMn) and salt solution (SSMn), (5) a flow sensor connected to the (6) flow controller to provide real-time feedback and flow adjustment, (7) PEEK tubing with a small inner diameter to provide fluidic resistance, and (8) a bubble trap upstream of the (9) microfluidic reactor. System schematic not to scale.

Figure 2: Custom-built ultraviolet-C (UVC) irradiation system for microfluidic reactors. (A). Top view of the system mounted on the microscope stage insert showing posable arms (blue) with attached UVC light-emitting diode (LED) arrays (yellow rectangles) and a microfluidic reactor mounted on a sample frame (small gray rectangle). (B). Bottom view of the system showing UVC LEDs (tan squares) embedded in the posable arms.

Figure 3: Effect of UVC irradiation on the microfluidic reactor inlet region. (A). Reactor inlet region with a 5-min UVC treatment at t = 0 h showing proper alignment for complete removal of unwanted biofilms. (B). Reactor inlet region with an improperly aligned UVC array, which left residual biofilms in the inlet hole and outside of the pore space, allowing Mn oxides to precipitate upstream. (C). Reactor inlet region with no UVC treatment, leading to extensive biofilm growth and mineral precipitation. Gray shading delineates the pore space. Scale bar is 2 mm.

Figure 4: Image subtraction workflow to isolate Mn oxide precipitates. From time-lapse color brightfield images, (1) a reference image (tref) was identified to remove the intensity of the underlying stationary phase biofilms from all subsequent (2) timepoint images (tn). (3) Binary masks of all tn were generated and multiplied by both (4)  tref and the corresponding (5)  tn to capture biofilm-biomineral extent. Finally, (6) the masked tn were subtracted from the masked tref. The resulting intensity-corrected matrices quantify the decrease in intensity (a.u.) due to Mn oxide accumulation at each pixel.

Figure 5: Reactor-scale distribution of biofilms and Mn oxides. (A). Color brightfield image of P. putida GB-1 biofilms within the microfluidic pore space at the onset of the stationary phase (t = 18.5 h, tref). (B). Color brightfield image of Mn oxide precipitates on and around P. putida GB-1 biofilms at the final experimental timepoint (t = 43.5 h). (C). Intensity-corrected matrix of mineral accumulation at the final experimental timepoint (t = 43.5 h), with grains shown in gray and pores shown in white. Scale bar is 1 mm. (D). One-dimensional spatial distribution of total corrected intensity from the inlet (left) to the outlet (right) side of the pore space (t = 43.5 h). The solid line represents a 1-mm moving average along the pore space from inlet to outlet averaged over triplicate experiments, and the shading represents the standard deviation.

Figure 6: Biofilm-scale Mn oxide accumulation. (A). Select color brightfield images of representative P. putida GB-1 biofilms. Manganese oxides were detectable first as a color change from gray to brown on biofilm surfaces (shown at t = 20 h and t = 21 h) and later as an accumulation of dark brown precipitates at biofilm edges (shown at t = 33 h and t = 43 h). (B). Intensity-corrected matrices of mineral accumulation with grains in dark gray, pores in white, and underlying biofilms in light gray. Scale bar is 150 µm.

Figure 7: Estimation of Mn oxide precipitation rate over time. The rate (micrograms per hour) was quantified by rescaling the total corrected intensity at each time point to the endpoint Mn mass measured with ICP-MS, then taking the derivative with respect to time. Markers represent the average of triplicate experiments, and the shading represents the standard deviation. 
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DISCUSSION: 
[bookmark: _Hlk218763431][bookmark: _Hlk218763828]This experimental platform offers unique opportunities for investigating spatiotemporal dynamics of biogeochemical processes in porous environments free of artifacts that prevent the acquisition of high-fidelity data. This approach is particularly well-suited for Mn and Fe biomineralization, which produce mineral precipitates with characteristic ochre, brown, and black hues that can be readily segmented with optical microscopy and image analysis. Using Mn biomineralization as a case study, it is possible to evaluate patterns and rates of mineral precipitation in situ with high spatial and temporal resolution. 

Several aspects of this protocol enable the collection of reproducible measurements of biogeochemical transformations. First, using a sequential injection valve with low dead volume facilitated experiments with multiple fluids without perturbing the biofilms within the microfluidic pore space. This setup preserved the initial biofilm spatial distribution by preventing pressure surges that can lead to sloughing or displacement of biofilms when switching injected fluids, which may occur with other instruments such as syringe pumps. This component further provides the user with the flexibility to customize the geochemical conditions imposed on the resident microorganisms. Finally, because it preserves initial biofilm distribution, this setup allows the user to systematically test how different biofilm morphologies or biomass amounts influence the distribution and rate of Mn oxide precipitation. 

Second, mitigating the formation and intrusion of bubbles in the microfluidic pore space allowed for multi-day experiments that captured the environmentally relevant timescales of Mn biomineralization. Bubbles, a common and often inevitable issue in long experiments above room temperature62,63, can fragment and block individual pores, reroute fluid flow, and disrupt reaction progress. To prevent bubble trapping in the pore space, the reactor was fully saturated prior to inoculation. To minimize the introduction of bubbles through the flow control system, the microscope incubator was set to 30 °C well in advance of the experiment, and multiple volumes of influent solution were flushed prior to attaching the inoculated reactor. This step removed trapped air from the tubing and fittings and minimized the risk of fluid outgassing during the experiment. A bubble trap was also integrated into the flow control system to capture any residual bubbles, with a length of 200-µm ID PTFE tubing to the trap outlet to increase resistance and enhance bubble removal efficiency. Finally, to prevent air trapping or leaking at the interface between the influent tubing and reactor inlet hole, all connections were made with droplets of fluid on both ends of the tubing and the punched hole. The hydrophobic PTFE tubing was coated with 1% PEG-DA, and the end of the inserted tubing was kept perpendicular to the PDMS surface throughout the experiment.

Third, incorporating a custom-built UVC irradiation system into the experimental platform maintained a defined geochemical boundary condition and reproducibly constrained Mn biomineralization within the microfluidic pore space. Pilot experiments showed that extraneous biofilms in the reactor inlet region precipitated Mn oxides upstream of the pore space, restricting the downstream availability of Mn(II). Briefly irradiating the reactor inlet and outlet regions with proper alignment, following the no-flow settling period, prevented biofilm development from any initially deposited bacteria. Continuous unidirectional fluid flow prevented recolonization of the reactor inlet region following this initial UVC treatment. Irradiating the reactor outlet region at t = 17.5 h prior to the onset of the stationary phase and visible Mn oxide precipitation minimized the amount of mineral accumulation downstream of the pore space. This facilitated direct comparison of color brightfield image data with Mn mass digested and measured with ICP-MS.

The combination of image subtraction and endpoint mass measurements provided a semi-quantitative method for evaluating the kinetics of Mn oxide precipitation in situ. However, it is important to note that pixel intensity ceases to be directly proportional to Mn oxide mass at very high mineral density due to limited camera sensitivity to dark colors61. Evaluation of this non-linear behavior could be improved by acid-digesting samples at defined timepoints and comparing the digested mass to the original mass scaled by the final experimental timepoint. If exact quantification of mineral mass is required, users can develop a calibration curve using mineral samples of known intensity and mass, which has been demonstrated previously in Fadely et al.61, or make direct measurements with synchrotron-based X-ray fluorescence.  

The microfluidic platform presented here can be applied to investigate biomineralization processes under a wide range of environmental conditions. While representative experiments were optimized for P. putida GB-1, this setup can be used to systematically test a range of influent solution chemistries (e.g., Mn or Fe concentration, carbon source, presence of co-occurring metals), flow rates, temperatures, or the presence of a microbial consortium. Specific acidic or suboxic conditions, such as those favorable to Fe-oxidizing bacteria, can be simulated by decreasing influent pH or coating the PDMS with an oxygen-impermeable polymer. Insights into the microbial controls on biomineralization can be obtained by implementing reporter gene fusion strains and tracking the resulting optical fluorescence59,64. Microfluidic reactors can be redesigned to simulate a range of porous environments, for example, by changing the particle size distribution, particle shape, or porosity, or by functionalizing the PDMS to mimic the surface charge of clay particles or natural organic matter. With additional modifications (e.g., replacing the glass reactor substrate with plastic), reactors can support direct spectroscopic measurements of metal oxidation state, mineralogy, organo-mineral associations, or the sorption or co-precipitation of secondary metals. Finally, this experimental platform can be expanded to investigate precipitation of other metal biominerals (e.g., phosphates, carbonates, sulfides), provided their optical properties are sufficiently distinct to allow for image segmentation. This protocol therefore, offers a framework to comprehensively investigate biomineralization and microbe-mineral-fluid interactions in relevant porous environments.
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