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SUMMARY:
Using time-lapse imaging, the complete regeneration process of Hydra spheroids can be followed. This protocol describes the generation of Hydra spheroids, discusses a variety of mounting strategies, and details how to perform long-term, live imaging using spinning disk confocal microscopy as well as light-sheet fluorescence microscopy.

ABSTRACT:
Hydra is renowned for its exceptional regenerative capacity. Remarkably, small regenerating fragments of Hydra tissue, called Hydra spheroids, can establish an organizer de novo. Once established, this organizer directs the surrounding tissue to differentiate into the appropriate oral structures. Within days, the spheroid can develop into a small yet fully patterned polyp. The relatively short timescale of this process enables continuous time-lapse imaging of the entire process, offering a unique opportunity to study the spatiotemporal dynamics of regeneration. Here, we present a detailed workflow and show representative results for generating time-lapse datasets of regenerating Hydra spheroids. The protocol includes a detailed procedure for spheroid generation and guidelines for selecting optimal samples for imaging. We discuss mounting strategies suitable for the long-term imaging of live samples and demonstrate imaging approaches using both spinning disk confocal and light-sheet microscopes. The principles described here are broadly applicable to other model systems in which dynamic morphogenetic processes can be studied using long-term imaging.

INTRODUCTION:
Hydra is a small, freshwater polyp best known for its exceptional regenerative ability. Tissue fragments excised from the middle of its body fold into a hollow spheroid that is composed of Hydra’s two epithelial layers, the ectoderm and endoderm. During regeneration, these Hydra spheroids establish an organizer de novo1. Within approximately 3 days, the body axis elongates, and cells at the head and foot extremities differentiate. Because of this relatively short timeframe, the entire regenerative process can be captured through live imaging. Time-lapse datasets have been instrumental in revealing the characteristic cycles of inflation and deflation that Hydra spheroids go through during regeneration2. The tissue stretching that is generated by these osmotically driven mechanical oscillations contributes to the localization of the organizer3.

Successful long-term live imaging requires rapid image acquisition to avoid movement artefacts, while also minimizing light exposure to prevent photodamaging the sample. Classical single point scanning confocal microscopy does not meet these requirements. However, advanced techniques have been developed. In this protocol, we will focus on two widely popular modalities: spinning disk confocal microscopy (SDCM) and light-sheet fluorescence microscopy (LSFM). SDCM utilizes a rapidly rotating disk with an array of pinholes4. This design enables the simultaneous excitation and detection of multiple points within the sample, while retaining confocality. This parallel acquisition greatly accelerates imaging, thereby allowing for motion-free capture of moving samples. As an additional benefit, the shortened exposure significantly reduces phototoxicity. Still, due to limited imaging depth, live imaging of larger structures is challenging.

LSFM derives its name from the thin sheet of light that is used to excite fluorophores only within this plane5. In contrast to a pinhole, which creates axial resolution by restricting the emitted light that is detected, light-sheet microscopes establish axial resolution by restricting the excited volume instead. The detection objective is positioned orthogonally, collecting fluorescence at a 90° angle to the light sheet. This allows a camera to collect the fluorescence signal from the entire illuminated plane in a single exposure, increasing the speed of acquisition and minimizing phototoxicity. Common LSFM geometries that build around one or two horizontally positioned detection objectives have the additional advantage that the same sample can be imaged from multiple angles. If the microscope is equipped with two detection objectives, samples can simultaneously be imaged from two sides6. Alternatively, a sample can be turned around to acquire views from multiple angles.

Imaging techniques used to study live Hydra have advanced substantially in recent years, enabling observation of regeneration-associated morphological changes down to neuronal activity dynamics7-10. Here, we expand upon previously published protocols6,11, with a focus on demonstrating the diverse approaches for live imaging of regenerating Hydra spheroids. We describe methods for generating Hydra spheroids from small tissue fragments and provide guidelines for identifying properly folded samples. Step-by-step instructions are outlined for three mounting strategies commonly used for live imaging. For imaging on an inverted microscope, a common geometry for SDCM, spheroids are typically mounted in agarose wells. This allows them to move and rotate freely while remaining within the field of view. Fluoroethylene propylene (FEP) is commonly used for mounting because its refractive index (1.34) is close to water (1.33). FEP foil can be thermoformed into custom imaging chambers, tailored to specific experimental needs. Similarly, embedding spheroids in agarose within glass capillaries is a standard approach for LSFM. Even though this technique limits the number of samples per capillary, it facilitates the rotation required for multiview detection. Finally, we demonstrate how to perform live imaging using both SDCM and LSFM, and we discuss key considerations for selecting the appropriate technique depending on experimental goals. Although this protocol is optimized for Hydra, its underlying principles are broadly applicable to other model systems that rely on long-term imaging to study dynamic morphogenetic processes.

PROTOCOL:
All procedures described were carried out in compliance with the ethical guidelines of Swiss national regulations for animal research. Before starting the experiment, Hydra should be fed normally, 3x a week, for at least 2 weeks. The Hydra used for experiments should be healthy12, without sexual organs and non-budding. Recently budded Hydra, which can be recognized because of its shorter length compared to the other Hydras in the colony, should also be avoided.

1. Preparation of Hydra spheroids (Figure 1)

1.1. Start by preparing a plate with dissociation medium (DM; for recipe see Table 1). The DM should be at room temperature for the experiment.

1.2. Prepare the rest of the workspace: Place the lid of a 10 cm cell culture dish under the stereoscope and fill it with a layer of Hydra medium (HM; for recipe see Table 1). The cell culture dish itself can be used to collect remaining Hydra tissue. Lastly, collect Hydra and place them in a dish close to the stereoscope.

[Place Figure 1 here]

[Place Table 1 here]

1.3. Use a glass Pasteur pipette to move a Hydra to the lid under the stereoscope. It is recommended to blunt Pasteur pipettes. To achieve this, quickly hold their tip in a flame.

1.4. Frequently, Hydra will be floating at the surface of the medium; repipette the Hydra until it sinks to the bottom of the lid.

1.5. Bisect the Hydra by creating a single, straight cut between body regions B2 and B3 (Figure 1A,B). Be consistent in the body part from which the spheroids are cut, as it heavily influences the behavior of the spheroids.

NOTE: If cutting at a specific body part is not required, use spheroids from the middle of the body axis. For animals with a strong phenotype (e.g., animals with many ectopic heads), look for regions of the body that best resemble the middle of the body axis.

1.6. Wait until the Hydra is completely relaxed after the cut. If necessary, repipette floating body parts to make them sink again.

1.7. Once the bisected tissue has relaxed, the cut end of the tissue will remain swollen. Make a second cut where the swelling ends to generate a ring of tissue (Figure 1C). Tissue rings can be cut from each of the Hydra halves.

1.8. Remove the remaining head and foot ends from the lid. These remaining body parts can be left to regenerate. Once the Hydra have properly regenerated and have been fed for at least 2 weeks, they can be reused for other experiments.

1.9. Cut the tissue rings open. Cut the opened rings into multiple tissue pieces (Figure 1D). Aim for rectangular tissue pieces of ~100-150 μm by ~300-500 μm.

NOTE: The number of pieces that can be cut per ring is variable. For example, Hydras from the 105 strain are typically much thinner than Hydras from the AEP strain. If a tissue ring is too small to generate two proper tissue pieces, trim the opened ring to generate one appropriately sized tissue piece and discard the other smaller piece.

1.10. Move the tissue pieces into the room-temperature DM. Minimize the amount of HM that is moved along with the tissue pieces.

1.11. Leave the spheroids to fold in DM for 3-4 h. Assess whether the spheroids have properly folded. Successfully folded spheroids should have a rounded shape and be completely covered by ectoderm (Figure 2A-D).

NOTE: If more than half of the spheroids have not yet successfully folded, leave the spheroids in DM for 30 more minutes.

1.12. Select folded spheroids with a diameter of 250-350 μm (Figure 2E-H). Avoid spheroids contaminated with exogenous material such as plastic fibers. Move the selected spheroids to HM before mounting.

NOTE: If the experiment will be performed in a supplemented medium (e.g., drug treatment), move the spheroids immediately into this medium instead. Keep in mind that once spheroids are moved into HM, they will start oscillating.

[Place Figure 2 here]

2. Mounting strategies

NOTE: The combination of microscope layout and experimental design determines the most suitable mounting strategy for an experiment. Here, we describe a variety of mounting techniques that can be used for diverse applications.

2.1. Mounting in agarose wells (Figure 3A)

2.1.1. Prepare 1% agarose in HM by boiling the mixture until the agarose has completely dissolved.

NOTE: A stock of 1% agarose can be prepared in advance and stored in a tightly closed glass bottle for 1 month. We advise not reheating the agarose more than 5x. However, the agarose wells should be prepared on the day of the experiment.

2.1.2. While the agarose is still liquid, completely coat the bottom of a 4-well glass-bottom imaging plate with a 2 mm thick layer.

NOTE: Other imaging plates may also be suitable depending on the imaging setup and the number of conditions to be tested. For experiments using a treatment, make sure to compensate for the agarose. Thermostable chemicals can be directly mixed into the agarose. Make a 2% agarose solution, and after boiling, mix it with a 2x solution of the desired chemical. Cover the agarose with a 1x solution as normal. If the chemical is not thermostable, adjust the concentration of the chemical considering the volume of agarose in the imaging plate, and use this solution to cover the agarose.

2.1.3. Leave the agarose to set fully. Create wells in the agarose. Leave at least 10 mm of agarose between each of the wells to ensure their structural integrity.

2.1.3.1.	While holding the plunger down, push the tip of a P1000 pipette into the agarose until it touches the bottom of the imaging plate.

NOTE: The size of the agarose wells can be adjusted, for example, by using a different size tip or using a stamp. It is important that the samples have enough room to move.

2.1.3.2. Hold the pipette straight up and flush with the bottom of the imaging plate. Then, wiggle and rotate the tip of the pipette to cut the agarose.

2.1.3.3. Release the plunger of the pipette and simultaneously remove the pipette tip slowly from the agarose by moving the pipette straight up.

2.1.4. Repeat the gel-making process until enough wells have been created. If the pipette is removed too quickly or the agarose is not completely cut before removal, some agarose will remain at the bottom of the well. Avoid using these wells as they will impact the imaging quality.

2.1.5. Cover the agarose with a thin layer of HM. To prevent evaporation of the medium, use an imaging plate with a lid.

2.1.6. Release any air bubbles that may have formed in the agarose wells by touching the air bubbles with a P20 pipette tip.

2.1.7. Move Hydra spheroids one by one into the imaging plate. If a spheroid does not immediately drop into a well, direct the spheroid into a well’s direction by gently nudging the spheroid with the pipette.

NOTE: Two spheroids may end up in the same well. Remove both spheroids by aspiration and retry mounting them. Be aware that reaspirating the spheroids can lead to damage to the spheroids and/or the agarose well. If that happens, continue using different well and new spheroids.

2.1.8. Image the samples on an inverted microscope (Figure 4A).
[Place Figure 3 here]

2.2. Mounting in FEP wells (Figure 3B)

2.2.1. Prepare custom glass pipettes that will be used to remove air bubbles from the FEP wells (Supplementary Figure 1).

2.2.1.1. Heat up a glass Pasteur pipette in a flame at a location that still allows the end of the tip to be held. Keep rotating the pipette for even heating.

2.2.1.2. Once the glass starts to soften, quickly stretch the pipette tip while taking the pipette out of the flame.

2.2.1.3. Break the thinned area to create a new pipette tip of approximately 0.4-0.5 mm. Quickly touch the pipette tip into the flame to blunt it; make sure that this does not close the pipette.

2.2.1.4. Heat up the glass Pasteur pipette at the location where the pipette widens. Do not rotate the pipette, but move it out of the flame when the pipette tip starts sagging. Hold the pipette horizontally until it has hardened in an L-shape.

2.2.2. Create FEP chambers by vacuum thermoforming FEP foil over custom aluminum molds6. The dimensions of the molds can be adapted to suit different sample sizes or microscope chambers. For Hydra spheroids, wells with a diameter of 0.5 mm are best suited.

2.2.2.1. Cut the FEP foil into sheets of 15 x 15 cm. Clamp the FEP foil inside the thermoforming machine and heat it up for 8 min.

2.2.2.2. Place the aluminum molds below the foil. Under vacuum, form the foil around the molds for 30 s.

2.2.3. Manually cut out the chambers from the thermoformed FEP foil. Make the FEP chamber dust-free using canned air. Fill the FEP chamber with HM.

NOTE: Typically, FEP chambers do not have a lid. This means some of the medium will evaporate during the imaging. If evaporation of the medium will cause issues, design a chamber that can be closed.

2.2.4. Release air bubbles from the wells using the previously prepared glass pipettes. Use a scooping motion to push the air bubble out of the well with the tip of the pipette.

2.2.5. Once all wells are free of bubbles, move the Hydra spheroids one by one into the FEP chamber. If a spheroid does not drop into a well, nudge it in with a pipette.

NOTE: If two spheroids fall into the same well, remove both by pipette aspiration and remount them. The design of the FEP wells will dictate which type of microscope should be used for imaging. In general, microscopes with one or multiple horizontally positioned detection objectives are suitable (Figure 4B).

2.3. Agarose-embedded mounting in glass capillaries (Figure 3C)

2.3.1.	Prepare 1% low-melting-point agarose in HM by boiling the mixture until the low-melting-point agarose has completely dissolved. Move 1 mL of liquid agarose into a microcentrifuge tube.

NOTE: A stock of 1% low melting point agarose can be prepared in advance and reboiled when needed. If needed, the agarose can be maintained in a liquid state by keeping it at 37 °C. However, do not actively heat the agarose as soon as samples are added. Consider supplementing the agarose with treatment (see Protocol step 2.1.2) or fluorescent beads at this step. The beads can be used for multiview reconstruction.

2.3.2. Move 2-4 spheroids into the agarose. Fully insert a piston rod into a glass capillary; the piston rod should fit snugly.

2.3.3. Insert the end of the capillary into the agarose and, by slowly pulling up the piston rod, draw agarose up into the capillary. Start aspirating some agarose without spheroids, then without stopping, load the agarose-embedded spheroids into the capillary.

NOTE: For the best imaging results, the individual spheroids should be well-separated and located at the bottom of the agarose column (Figure 3C).

2.4. Take the capillary out of the agarose and clean the outside with tissue paper. Hold the capillary horizontal and rotate it until the agarose has hardened; this will help keep the spheroids in the middle of the agarose column.

2.5. Place the agarose-filled capillaries in HM to keep the samples hydrated. Samples mounted in glass capillaries should be imaged with a microscope with one or multiple horizontally positioned detection objectives (Figure 4C).
[Place Figure 4 here]

3. Spinning disk confocal microscopy

3.1. Image the samples on an inverted microscope outfitted with a spinning disk unit. Set the temperature of the microscope chamber to 18-21 °C. If the microscope cannot be cooled, cool the room instead.

3.2. Choose an objective with a field of view that covers the complete sample. For samples mounted in agarose wells, the field of view should ideally cover the complete well.

NOTE: Use of a dry objective is preferred, especially for time-lapse datasets with multiple samples.

3.3. Place the sample holder into the microscope stage. Turn on transmitted light and set the exposure time.

3.4. Select laser wavelength, laser power and exposure time for the fluorophores that are present in the sample. Select a combination of laser power and exposure time that is as low as possible to reduce the risk of phototoxicity but high enough to get a good signal-to-noise ratio. 

3.4.1.	Live samples may move significantly during imaging. Whenever possible, perform simultaneous acquisition of fluorescence and transmitted light, or dual-laser fluorescence, using two cameras. If more than two channels are imaged, prioritize simultaneous acquisition of channels where precise overlap is most important.

3.5. Find all samples and set them as multiple imaging positions. For each sample, create a z-stack starting at the plane that is closest to the objective and ending at the first out-of-focus plane. For Hydra spheroids a 2 μm step size is advised.

NOTE: The creation of a z-stack is not always necessary. For example, when examining the oscillatory behavior of regenerating Hydra spheroids, a single plane focusing on the equator plane of the samples is sufficient. When Hydra samples have properly sunk to the bottom of the agarose well, and an appropriate objective has been chosen, this plane should be within the working distance of the objective.

3.6. Set the time-lapse parameters. A 60-70 h time with imaging every 10 min is suitable to image the complete regeneration of Hydra spheroids. Start imaging.

4. [bookmark: _Hlk210644417]Light-sheet fluorescence microscopy

4.1. Image the samples on a light-sheet microscope with horizontally positioned detection objective(s).

4.2. Before starting, align the light sheet that is created by the illumination objectives. Set the temperature of the microscope chamber to 18-21 °C. If the microscope cannot be cooled, cool the room instead.

4.3. Choose a detection objective that can fit the complete sample in its field of view. When the samples have room to move, choose a detection objective that accommodates this.

4.4. Place the sample holder in the microscope. If the samples are mounted in a glass capillary, push the piston down until the samples are out of the glass to image only through the agarose (Figure 3C).

4.5. Set up the microscope settings for transmitted light, fluorescence, multiple positions and time-lapse as described in Step 3.

4.6. If the microscope is not equipped with multiple detection objectives, set up multiview detection to detect the sample from multiple angles. When more than half of the sample can be detected within one z-stack, two views separated by an 180° angle suffice. Alternatively, use three to five views.

4.7. Set up z-stacks with an appropriate step size, for Hydra spheroids a 2 μm step size is advised. The z-stack should completely cover the sample. When imaging samples freely moving in FEP wells, create a z-stack that covers the complete well. Start imaging.

RESULTS:
We successfully generated long-term time-lapse datasets for regenerating Hydra spheroids using both spinning disk confocal microscopy (SDCM) and light-sheet fluorescence microscopy (LSFM). Regeneration occurred normally in both imaging setups: spheroids broke symmetry, elongated, and developed tentacles and a foot within 3 days (Figure 5A, Figure 6A, Supplementary Video 1, and Supplementary Video 2). After prolonged imaging, the regenerated animals became too motile and started moving out of focus or even completely out of the field of view (Figure 5A).

Using fluorescent markers, we visualized dynamic cellular processes that are essential for Hydra regeneration. For example, Hydra spheroids rapidly reorganize their actin fibers8. While much of the actin organization is inherited, in regions where the different ends of the tissue piece fold together, this structural organization must be re-established. Using SDCM, we captured a spheroid with a patch of disorganized actin that underwent rearrangement and reorganization (Figure 5B). Even though only half of the spheroid could be imaged (Figure 5C), the region of interest was successfully captured in this sample. Not all spheroids were favorably oriented for visualization of this region, with some rotating during the time-lapse, intermittently revealing or concealing the region of interest.

Organizer formation was visualized by imaging β-catenin::GFP-expressing spheroids with LSFM (Figure 6B). Images were acquired at time intervals sufficient to resolve three key stages of regeneration: elevated nuclear β-catenin across the spheroid, indicative of a broad wound response; localized nuclear β-catenin enrichment marking organizer formation, in the absence of visible morphological changes; and axis establishment with morphological changes, notably the outgrowth of tentacles. Multiview imaging enabled visualization of β-catenin dynamics throughout the entire spheroid. Two views, acquired 180° apart, were fused to produce a dataset that spans the spheroid’s full volume without any apparent loss of image quality (Figure 6C).

FIGURE AND TABLE LEGENDS:
Figure 1: Hydra spheroid preparation. (A) Schematic showing the generation of Hydra spheroids. Spheroids break symmetry by re-establishing a Wnt3+ organizer that drives axis formation, elongation, and differentiation. (B) The first cut is made at the mid-body, at the border between regions B2 and B3, as indicated in (A). (C) Each resulting half is cut again just below the swollen region. (D) The produced tissue rings are then cut open and divided into 2-4 tissue pieces depending on the ring size. Scale bars: 250 μm.

Figure 2: Overview of unfolded and folded spheroids. (A-D) Unfolded spheroids are arranged from least folded to nearly completely folded. Unfolded spheroids are recognized by a region where the ectoderm does not cover the endoderm (indicated by blue arrowheads). (E) Example of a spheroid that is too small. (F-G) Folded spheroids of optimal size (250-350 μm). (H) Example of a spheroid that is too large. Images were acquired in a 4-well glass-bottom imaging plate using the Revolve hybrid microscope from Echo (RVL2-K), using the inverted mode with a 4.0x  objective and a transmission light camera (color). Scale bars: 250 μm.

Figure 3: Mounting of Hydra spheroids for live imaging. (A) Agarose wells with (middle two chambers) and without (outside chambers) spheroids. (B) Spheroids mounted in FEP wells. (C) Spheroids embedded in agarose and mounted in a glass capillary. For imaging, the agarose column is slightly pushed out of the glass capillary. Therefore, spheroids should be positioned near the bottom of the agarose column (green arrowheads), while remaining well-separated. Spheroids that are located too far from the bottom (red arrowhead) cannot be imaged effectively.

Figure 4: Schematic diagrams of imaging setups suitable for the described mounting strategies. (A) Spheroids mounted in agarose wells and imaged on an inverted spinning disk confocal microscope. (B) Spheroids mounted in a FEP chamber and imaged using a light-sheet fluorescence microscope suitable for multi-well imaging6. For clarity, the second detection objective, positioned opposite detection objective 1, is not shown. (C) A spheroid embedded in agarose and mounted in a glass capillary for light-sheet fluorescence microscopy using a microscope with an alternative configuration compared to (B).

Figure 5: Microscopy datasets captured using SDCM. (A) Transmitted light images show that regeneration of Hydra spheroids is unaffected during SDCM. (B) Maximum intensity projections of LifeAct::GFP-expressing Hydra spheroids reveal dynamic reorganization of actin fibers within a region of disorganized actin (orange dashed line). (C) Variable signal quality across z-planes is illustrated by two representative planes. Their depths are indicated on an XZ projection, with the objective positioned beneath the sample. The top plane appears dim and blurry, indicating the maximum imaging depth, while the bottom plane, closer to the objective, displays a bright and sharp signal. Scale bars: 250 μm (horizontal), 50 μm (vertical).

Figure 6: Microscopy datasets captured using LSFM. (A) Transmitted light images show that Hydra spheroid regeneration proceeds normally during LSFM. (B) Maximum intensity projections of β-catenin::GFP-expressing Hydra during regeneration. The organizer is formed by 15h (orange dashed line), although morphological changes appear only later. (C) XZ projection demonstrating that two views are sufficient for complete imaging of the spheroid without any apparent loss of signal. Scale bars: 250 μm.

Table 1: Media compositions and storage.

Table 2: Comparison of SDCM and LSFM for imaging Hydra spheroids.

Supplementary Figure 1: Custom pipette used to remove air bubbles from FEP wells.

Supplementary Video 1: Complete regeneration of a Hydra spheroid imaged using transmitted light on a spinning disk confocal microscope.

Supplementary Video 2: Hydra spheroid regenerating imaged using transmitted light on a light-sheet fluorescence microscope.

DISCUSSION:
Both SDCM and LSFM are well-suited for generating long-term time-lapse datasets of regenerating Hydra spheroids. The optical principles on which each technique is based are distinct and, therefore, they offer unique advantages and limitations (Table 2). SDCM is preferred when a complete, high-resolution view of the sample is not required. Multiple samples can be imaged in a single experiment, making it particularly useful for testing different conditions such as drug treatments. In addition, SDCM datasets are straightforward to process and analyze, making this the faster and more accessible technique of the two. However, when a comprehensive spatial overview is essential, LSFM is the favored approach. LSFM is also advantageous for imaging highly photosensitive samples. Although SDCM significantly reduces phototoxicity compared to single point scanning confocal microscopy, it still exposes the entire sample to repeated illumination. LSFM excites only a thin optical plane, minimizing light exposure and photodamage13,14. However, LSFM has a steep learning curve. Post-acquisition processing, including multiview registration and fusion, can be complex and computationally demanding. Once pipelines have been established, these can streamline the workflow, but LSFM still produces substantially larger datasets due to its typically wider field of view, deeper z-stacks, and multiple views. Adequate data storage and computing resources are therefore essential for downstream processing and analysis.

[Place Table 2 here]

In general, long-term microscopy experiments should be designed with data volume in mind. Each additional parameter (sample, channel, z-plane, multiview angle, or timepoint) greatly increases the dataset size. Unnecessary acquisitions should be avoided. The imaging interval should be chosen based on the dynamics of the biological process. Select a frequency that captures key changes while minimizing redundant time points. Likewise, the z-stack size should be determined by the smallest structure of interest. Reducing data volume not only saves storage costs but also significantly decreases the time and computational resources required for analysis.

In addition to data volume, the imaging techniques described present several practical challenges. Temperature control is particularly critical when studying Hydra spheroid regeneration. Even though laser illumination generates heat, the sample temperature should not exceed 22 °C. Microscopes equipped with a cooling chamber readily address this issue. However, such systems are not always available. Reducing the ambient room temperature, and consequently the air temperature within the microscopy chamber, is sufficient to maintain conditions compatible with successful spheroid regeneration. Imaging at lower temperatures also minimizes the risk of evaporation. If evaporation nevertheless becomes problematic, the use of lidded imaging plates provides an effective means of preventing sample dehydration. Finally, objective selection is a key determinant of experimental success. Selecting an appropriate objective involves balancing resolution, field of view, objective availability, and data volume. For imaging regenerating Hydra spheroids, objectives in the range of 10x to 25x are suitable. A 10x objective offers a larger field of view and greater tolerance for sample movement. On the other hand, 20x or 25x objectives provide higher resolution while still capturing an entire spheroid within a single field of view, albeit with the increased risk of samples moving out of frame.

This protocol describes three mounting strategies. The most suitable approach depends on the sample and the available microscope configuration and may require optimization. We recommend performing a pilot experiment to assess whether any aspect of the mounting or imaging procedure affects normal regeneration. Samples should be tested under four conditions: unmounted and left to develop in their native environment (e.g., incubator); mounted but not imaged; mounted and kept in the imaging chamber of the microscope without imaging; mounted and imaged. Comparing these conditions provides a comprehensive assessment of how mounting and imaging influence sample development and helps identify any perturbing factors.

Perturbation experiments are critical for understanding biological processes and can be performed using each of the three described mounting methods. However, the number of samples or conditions that can be tested at once varies widely from agarose wells, which support imaging of more than 50 spheroids, to glass capillaries, which accommodate only a few samples under identical conditions. Beyond pharmacological perturbations, mounting strategies can be adapted to probe mechanical effects. For example, several studies have used agarose to physically constrain regenerating Hydra and investigate the impact on organizer formation3,15-17, highlighting the growing appreciation of biomechanics in developmental biology.

We did not include two-photon excitation microscopy (TPEM) in this protocol, although it is another technique that minimizes photodamage. TPEM relies on the simultaneous absorption of two photons by a fluorophore, using near-infrared light emitted in femtosecond pulses. Because excitation occurs only at the focal point and infrared absorption by biological tissues is low, photodamage is minimal. This makes TPEM particularly suitable for live imaging of large and/or optically dense biological samples18. However, since the focal point must be scanned across the sample, acquisition of an imaging plane is relatively slow, rendering TPEM unsuitable for highly dynamic systems such as regenerating Hydra spheroids.

Although this protocol focuses on regenerating Hydra spheroids, the described mounting approaches and imaging techniques are broadly applicable to many biological systems. The custom FEP wells are particularly adaptable. Minor modifications to their design have been shown to accommodate a variety of samples ranging from Matrigel-embedded organoids to freely developing gastruloids and regenerating Hydra spheroids6. We therefore anticipate that this protocol will serve as a practical foundation for studying dynamic developmental and regenerative processes across diverse model systems.
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