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SUMMARY: 
This protocol presents a cuff-free, suture-based cervical heterotopic heart transplantation technique in mice, designed to enable the reliable placement of a second heterotopic cardiac graft for evaluating donor-specific immune tolerance under physiological conditions with minimal interference from foreign material.

[bookmark: 3znysh7]ABSTRACT: 
Murine heterotopic cardiac transplantation is a well-established model for investigating allograft rejection and immune tolerance. In tolerance studies, the placement of a second heterotopic cardiac graft is often required to assess donor specificity, with the cervical region providing an ideal anatomical site. While cuff-based techniques simplify vascular anastomoses, these methods introduce artificial materials that can promote peri-anastomotic inflammation, alter hemodynamics, and confound immunological analyses. Additionally, vessel narrowing resulting from genetic modifications, immunosuppressive treatment, advanced recipient age, or chronic experimental conditions can make cuff placement technically challenging in small-caliber vessels. Here, we present a cuff-free, suture-based technique for cervical heterotopic heart transplantation in mice. This method avoids the use of intraluminal polymers, preserves physiological blood flow, and reduces complications associated with altered flow dynamics. The protocol includes meticulous preparation of both the donor and recipient vessels, end-to-end micro-anastomoses of the carotid artery and external jugular vein, intraoperative patency assessments, and postoperative monitoring strategies. By minimizing the use of artificial materials and adapting to small-caliber vessels, this cuff-free technique establishes a physiological and reproducible platform for secondary heart transplantation. This approach enables rigorous mechanistic studies of donor-specific tolerance in murine cardiac transplantation models.

[bookmark: 2et92p0]INTRODUCTION: 
Heart transplantation is a life-saving intervention for patients with end-stage heart failure1. Recipients with cardiac allografts require lifelong immunosuppressive therapy to prevent rejection2. Despite immunosuppression, long-term graft survival remains compromised by acute and chronic rejection, particularly antibody-mediated rejection (AMR) and cardiac allograft vasculopathy (CAV)3. In addition, these regimens carry significant side effects, including nephrotoxicity, metabolic syndrome, infections, and malignancies, which reduce both graft and patient survival2,4. These challenges underscore the urgent need for immune tolerance, a state in which the recipient's immune system accepts the donor graft without requiring lifelong immunosuppression5. Achieving tolerance would eliminate drug-related toxicities, reduce infection and malignancy risk, prevent chronic alloimmune injury, and allow steroid withdrawal, thereby improving metabolic control and preserving graft function. While multiple tolerance strategies have shown promise in animal models, including mixed chimerism, costimulatory blockade, regulatory cell infusions, and gene-targeted approaches, clinical translation remains limited6-9. A significant barrier is the need for reliable in vivo models that rigorously test donor-specific tolerance5.

Murine heterotopic heart transplantation is a powerful and widely used experimental model for studying the mechanisms of allograft rejection and tolerance10-14. The availability of genetically defined mouse strains and transgenic models enables a rigorous dissection of immune pathways involved in graft injury and regulation9,15,16. In tolerance studies, a second heterotopic heart transplant, either donor-matched or third-party, is often required to evaluate the donor specificity of immune regulation13,17,18. The cervical region provides an ideal anatomical site for this second transplant, offering direct surgical access, reliable graft monitoring via palpation or imaging, and efficient retrieval of tissues for downstream immunological and histological analyses8,19. These features make the cervical model particularly valuable for investigating mechanisms of tolerance induction and rejection across a wide range of transplantation settings.

[bookmark: _Hlk216447023]Several cervical heterotopic heart transplantation techniques using sutures have been described over the past three decades. Early work established that the neck is a feasible site for graft implantation and direct functional monitoring using suture-based end-to-end anastomoses between the donor’s great vessels and the recipient’s carotid and jugular system20. Other groups have reported cuff-free sleeve configurations as an alternative means of securing the donor pulmonary artery or aorta to the cervical vasculature21. A novel end-to-side suture-based cervical model has been proposed to preserve native carotid continuity and more closely approximate the geometry of the standard abdominal end-to-side anastomosis22. Together, these approaches highlight the versatility of the cervical site and illustrate necessary trade-offs between technical complexity, hemodynamics, and the amount of foreign material at the anastomotic interface.

One widely applied vascular anastomotic technique in murine cervical heart transplantation is the intraluminal cuff technique23-26. Cuff-based cervical techniques introduce intraluminal stents to simplify microvascular anastomoses and increase technical success rates, particularly for less experienced microsurgeons24-26. While cuff-based approaches simplify the technical challenge of connecting vessels, this technique introduces foreign material into the anastomotic site. The presence of polymers may promote peri-anastomotic inflammation, alter local hemodynamics, and potentially confound immune analyses27,28. Furthermore, narrowing of recipient vessels, whether due to genetically modified mouse strains, immunosuppressive treatment, advanced recipient age, or chronic experimental conditions, can make cuff placement technically challenging in small-caliber vessels29.

To address these limitations, we developed a fully cuff-free, suture-based technique for cervical heterotopic heart transplantation. In this configuration, the recipient carotid artery is anastomosed end-to-end to the donor ascending aorta, and the recipient external jugular vein is anastomosed end-to-end to the donor pulmonary trunk, providing straightforward inflow and outflow for coronary perfusion (Figure 1A). By minimizing the use of intraluminal synthetic material, this approach avoids direct polymer–blood contact at the anastomotic site and is conceptually attractive for studies focused on local immune and inflammatory responses. The method involves meticulous preparation of both the donor and recipient vessels, as well as end-to-end micro-anastomoses of the carotid artery and the external jugular vein. Additionally, intraoperative patency assessment and postoperative monitoring are performed. In practice, this cuff-free cervical model is applied when a secondary cardiac graft is required to test donor-specific tolerance after an abdominal graft with long-term survival, particularly in transgenic or immunosuppressed mice with small-caliber vessels. However, the technique also requires advanced microsurgical expertise and access to an operating microscope; additional limitations related to carotid ligation and recipient selection are discussed below. By providing a reproducible platform, this technique enhances both the reliability of secondary transplantation models and supports mechanistic studies of donor-specific tolerance in murine systems. This protocol employs end-to-end anastomoses by connecting the recipient carotid artery to the donor ascending aorta and the recipient external jugular vein to the donor pulmonary trunk, thereby providing robust coronary perfusion of the graft (Figure 1B). End-to-end anastomoses create a straightforward inflow–outflow pattern that reliably supports coronary perfusion in this model.

PROTOCOL: 
Mice were purchased from Jackson Laboratory. Both male and female mice, aged 6 - 10 weeks and weighing 20 - 30 g at the time of the first abdominal cardiac transplant, were included in this study. Donors and recipients were housed under specific pathogen-free (SPF) conditions at the rodent facility of Massachusetts General Hospital. All procedures were performed humanely in accordance with the NIH guidelines for the care and use of laboratory animals. All animal experiments were approved by and conducted under the oversight of the Institutional Animal Care and Use Committee (IACUC) at Massachusetts General Hospital (protocol number 2020N000125). The Table of Materials lists all reagents, instruments, and equipment used in this protocol. IACUC approval is required before initiating experiments. House and maintain all mice in accordance with institutional guidelines and applicable regulatory standards. 

1. Preparation of animals and instruments

1.1. Prior to surgery, sterilize all instruments by exposing them to saturated steam at 250 °F (121 °C) under pressure for 20 min. The required microsurgical instruments are shown in Figure 2. Protect the tips of microsurgical instruments to avoid damage. Replace broken or deformed instruments immediately to maintain optimal surgical success rates.

1.2.	Recipient preoperative care

1.2.1. This protocol uses recipient mice previously implanted with an abdominal heterotopic heart graft10-12. Confirm that the recipients are healthy, that the primary incision is fully healed and free of infection, and that the abdominal graft continues to beat. Perform this secondary cervical transplant between postoperative day (POD) 50 – 100 following the abdominal graft. Only use recipients with a functioning abdominal graft, as this is a tolerance protocol8,17.

1.2.2. Fast recipient mice for 1 - 2 h before the procedure to minimize the risk of aspiration. Administer Ethiqa XR (extended-release buprenorphine, 3.25 mg/kg) and meloxicam (5 mg/kg) subcutaneously for analgesia. Ethiqa XR provides sustained analgesia for up to 72 h30.

1.3. Donor preparation

1.3.1. Select sex- and age-matched donor mice of the appropriate strain according to the study design. For cardiac allograft immune tolerance studies, donor groups may include syngeneic (same strain as the recipient), allogeneic donor (same strain as the primary abdominal cardiac transplant donor), and allogeneic third-party (different strain from both the primary donor and the recipient).

1.3.2. Confirm the health status and appropriate acclimation period of all donor and recipient mice before anesthesia. 

2. Anesthesia 

2.1. Anesthesia induction and support

2.1.1. Induce anesthesia with 1% - 2.5% isoflurane in oxygen (1 - 2 L/min flow) using a precision vaporizer in an induction chamber. Maintain anesthesia via a nose cone or endotracheal tube. Apply the veterinary ophthalmic lubricant to both eyes of the mouse to prevent corneal drying under anesthesia.

2.1.2. Confirm anesthesia depth by the absence of pedal withdrawal reflex. Place the animal on a heating pad to maintain body temperature throughout the procedure.

3. Donor heart harvest

3.1. Donor exposure

3.1.1. Place the donor mouse in the supine position and secure the limbs with tape. Remove hair and disinfect the skin 3x with 70% isopropyl alcohol swabs.

3.1.2. Perform a midline laparotomy followed by a midline sternotomy using fine scissors to expose the abdominal and thoracic cavity. Gently mobilize the intestines to the left side with moistened gauze. Place a saline-soaked gauze beneath the intestines to maintain hydration.

3.2. Perfusion and donor heart harvest

3.2.1. Prepare cold heparinized saline (125 IU/mL) and load 2 - 3 mL into a 5 mL syringe. 

3.2.2. Gently cannulate the inferior vena cava with a 26 - 30G needle or catheter. Slowly perfuse 2 - 3 mL of cold heparinized saline over 30 s. Wait at least 1 - 2 min to optimize heparinization.

3.2.3. Perform a bilateral thoracotomy to expose the heart with maximum visualization. Separate the anterior thoracic cage from the dorsal side and reflect it upward, securing it with a needle or clamp.

3.2.4. Bluntly dissect the connective tissue between the ascending aorta (AA) and pulmonary trunk (PT; Figure 3A).

3.2.5. Ligate the inferior and superior venae cavae with 8 - 0 nylon sutures close to the heart and transect the ligated vessels distal to the ligatures. Bluntly dissect the PT as distally as possible.

3.2.6. Ligate the left and right pulmonary veins together with a 6 - 0 nylon suture and transect the ligated vessels distal to the ligature.

3.2.7. Excise the heart, preserving adequate length of the AA by transecting at the origin of the brachiocephalic artery and the PT. Preserve the anterior wall of the PT as long as possible. Trim the AA and PT to ensure a secure anastomosis (Figure 3B).

3.2.8. Place the heart in a 60 mm cell culture dish filled with chilled normal saline and gently re-perfuse the donor heart with an additional 1 mL of cold heparinized saline (125 IU/mL) through the AA or PT to flush any residual blood. Avoid high-pressure injections to prevent myocardial edema or vessel injury. Trim the vessels on the chilled plate as needed.

3.2.9. Place the heart in cold Ringer’s lactate solution on ice until implantation. The donor heart is best implanted within 90 min of cold ischemia and should not be preserved for more than 120 min.

4. Recipient cervical area exposure

4.1. Incision and vessel isolation

4.1.1. Induce anesthesia with 1% - 2.5% isoflurane in oxygen (1 - 2 L/min flow) using a precision vaporizer in an induction chamber. Maintain anesthesia with a nose cone or endotracheal tube. Confirm adequate depth of anesthesia by the absence of pedal withdrawal reflex. Inject 0.5 mL of warm normal saline subcutaneously into the dorsal region of the recipient for fluid replenishment.

4.1.2. Place the recipient on a heating pad to maintain body temperature. Shave the entire cervical region. Position the mouse in the supine position with the tail facing the operator. Immobilize the head, limbs, and tail with tape, ensuring a secure fixation without overstretching. Apply one drop of ophthalmic lubricant to each eye to prevent drying. Disinfect the cervical skin 3x with 70% isopropyl alcohol swabs.

4.1.3. Make a longitudinal skin incision with a reversed T shape over the neck from the sternum to the right mandibular angle (Supplementary Figure 1A).

4.1.4. Bluntly mobilize the right external jugular vein (EJV) from the right medial clavicle to its major confluence. Cauterize and transect small branches of the EJV (Figure 4B).

4.1.5. Isolate the right lobe of the thyroid gland and transect it by cauterization. Transect the sternomastoid muscle by cauterization to expose the right carotid artery (CA).
 
4.1.6. Bluntly mobilize the right CA as far as possible above the carotid bifurcation (Figure 4C).

4.1.7. Apply a small vascular clamp to the proximal portion of the CA. Place a 10 - 0 nylon ligature around the distal portion at the level of the carotid bifurcation to occlude blood flow.

4.1.8. Apply a 10 - 0 nylon ligature to the proximal portion of the EJV at the level of the CA clamp. Once the EJV distends, stop bleeding from previously cauterized and transected small-branch sites. Identify the confluence of the retromandibular and posterior auricular veins as the EJV distends and apply a small vascular clamp at this confluence to occlude flow.

4.2 Vascular anastomosis preparation

4.2.1. Transect the EJV and CA between the ligature and clamp using fine scissors. 

4.2.2. Flush the vessel openings with normal saline to remove blood and clots. Keep the operative field moist throughout the graft implantation procedure.

5. Graft implantation

5.1. Graft placement 

5.1.1. Place the donor heart graft upside down in the recipient cervical region with the PT oriented laterally and the ascending aorta (AA) oriented medially.

5.1.2. Cover the graft with a moistened gauze, leaving the PT and AA exposed. Gauze protects and stabilizes the graft while improving visualization.

5.2. Blood vessel anastomosis

5.2.1. Anastomose the donor AA end-to-end to the recipient CA using 11 - 0 nylon sutures by sleeve technique with the donor’s AA superficial bites to the recipient’s CA. Avoid excessive tension (Figure 4D).

5.2.2. Anastomose the donor PT end-to-end to the recipient EJV using 11 - 0 nylon sutures by sleeve technique with the donor’s PT superficial bites to the recipient’s EJV. Avoid excessive tension (Figure 4E).

5.2.3. Remove the distal EJV clamp. Remove the proximal CA clamp to restore blood flow (Figure 4F). The graft should immediately fill with blood, become red, and contract within 1 - 2 min (Supplementary Video 1). Apply a few drops of 37 °C warm normal saline to the graft to help restore contractility.

5.2.4. Gently compress the anastomotic sites with cotton tips to achieve hemostasis.

5.3. Pocket closure

5.3.1. Position the graft securely within the cervical pocket without twisting or compressing the vessels and trachea.

5.3.2. Close the cervical incision with 6 - 0 absorbable sutures with a simple interrupted stitch (Supplementary Figure 1B). Do not cover the surgery site with a bandage; leave the area open to air.

6. Post-operative care and monitoring

6.1. Immediate monitoring

6.1.1. Place the animal in a warm recovery chamber for at least 1 h. Observe for abnormal behaviors such as disorientation, tremors, or failure to ambulate.

6.1.2. Inject 0.3 mL of warm normal saline subcutaneously for fluid replacement. Transfer the recipient to a sterilized new cage supplied with nutritional gel. House transplanted animals individually and do not return them to group housing until full recovery, as indicated by normal mobility and behavior.

6.1.3. Administer Meloxicam (5 mg/kg, subcutaneously) every 12 h for 72 h postoperatively. The surgeon and the veterinarian examine the animals regularly during the recovery period.

6.1.4. Euthanize humanely if the animal exhibits > 20% body weight loss, severe swelling at the surgical site, signs of infection, lethargy, or other indications of distress, using CO₂ inhalation according to the institutional guidelines.

7. Experimental endpoints

7.1. Tissue collection

7.1.1. Harvest grafts at predetermined time points for histopathology or immunological analysis. For flow cytometry and histopathology, collect tissues 2 - 3 days prior to the expected cessation of graft pulsation, based on preliminary experiments.

7.1.2. Collect the graft, spleen, lymph nodes, and blood samples as required by the study design.

7.2. Survival analysis

7.2.1. Record graft survival time, defined as the day when palpable pulsation ceases. Define long-term survival (tolerance) in secondary cervical heart transplantation as persistent donor graft pulsation beyond 50 days post-transplantation, with histopathology confirming the absence of large areas of necrosis.

7.2.2. Plot graft survival curves using Kaplan-Meier analysis.

[bookmark: 3dy6vkm]RESULTS: 
A schematic overview of the cuff-free cervical heterotopic heart transplantation procedure is shown in Figure 1. The microscopic view of the vascular anastomoses is shown in Figure 1A, where the donor ascending aorta is anastomosed end-to-end to the recipient carotid artery and the donor pulmonary trunk is anastomosed end-to-end to the recipient external jugular vein. Figure 1B demonstrates the blood flow pattern through the graft. Blood enters the donor ascending aorta from the recipient carotid artery, perfuses the myocardium through the coronary arteries, and returns via the coronary sinus into the right atrium and ventricle before being ejected into the pulmonary trunk and drained into the recipient external jugular vein. This circulation mimics physiological coronary perfusion.

The microsurgical instruments and surgical setup required for the procedure are shown in Figure 2. Essential tools include an operating microscope, microsurgical forceps, needle holders, fine scissors, vascular clamps, portable cauterizing instrument, and 10 - 0 or 11 - 0 nylon sutures.
 
Donor harvest and graft preparation are depicted in Figure 3. Donor mice are anesthetized with isoflurane, and the connective tissue between the ascending aorta (AA) and pulmonary trunk (PT) is bluntly separated (Figure 3A). The graft is then perfused to remove any residual blood. The clean, perfused allograft is placed on ice to maintain viability. The ascending aorta and pulmonary trunk are trimmed to the appropriate length to allow tension-free anastomoses during implantation (Figure 3B). Careful donor preparation is essential for optimizing graft survival and surgical success.

Representative implantation images and surgical outcomes are presented in Figure 4. A longitudinal skin incision with a reversed T-shape is made over the neck from the sternum to the right mandibular angle (Supplementary Figure 1A). The donor heart is positioned in the cervical pocket. The donor vessels are anastomosed to the recipient vessels using a sleeve technique (Figure 4A). After exposure of the right external jugular vein, its branches are ligated or cauterized, and the right thyroid lobe is removed (Figure 4B). The right external jugular vein is then severed distally and clamped proximally, while the right carotid artery is exposed, ligated distally, and proximally secured with a sliding knot (Figure 4C).

After successful vessel anastomoses, the vascular clamps are released, and the graft artery fills with blood, producing a palpable pulse (Figure 4D). The graft becomes visibly red within 10 s (Figure 4E). A successful arterial anastomosis with immediate graft contraction is demonstrated in Supplementary Video 1. The cervical incision is closed with 6 - 0 absorbable sutures using a simple interrupted stitch (Supplementary Figure 1B). Long-term follow-up of the secondary graft is performed by visualizing graft pulsation at the transplantation site, as shown in Supplementary Video 2. Positive outcomes are characterized by intense, rhythmic pulsation of the graft. In contrast, adverse outcomes include absent contraction due to technical errors such as back-wall suturing, vessel twisting, or thrombosis. 

To compare the technical performance of the cuff-free suture-based technique with the cuff-based cervical approach, we performed a retrospective descriptive analysis of cervical grafts with complete operative records (31 cuff-free and 15 cuff-based procedures; Supplementary Table 1). Mean operative time was slightly longer but not statistically significant for the cuff-free procedures (94.5 ± 10.1 vs. 87.9 ± 9.9 min, p = 0.070), whereas arterial and venous anastomosis times were similar between groups: 24.7 ± 3.7 vs. 22.3 ± 6.2 min, p = 0.187; 10.9 ± 2.7 vs. 9.7 ± 2.0 min, p = 0.115, respectively. Estimated blood loss was comparable (178.1 ± 37.9 µL vs. 166.0 ± 28.6 µL, p = 0.238). Early technical failure occurred in 1/31 (3.23%) cuff-free and 1/15 (6.67%) cuff-based procedures, perioperative mortality within 72 h was 2/31 (6.45%) and 1/15 (6.67%), and day-7 graft survival was 90.32% and 86.67%, respectively (all p = 1.00 by Fisher’s exact test). Although this analysis is observational and not powered for formal non-inferiority testing, these data suggest that the cuff-free cervical technique performs comparably to the cuff-based method with respect to technical outcomes.

The application of this model to tolerance studies is illustrated in Figure 5. A schematic of experimental groups demonstrates primary abdominal transplantation followed by secondary cervical transplantation with either donor-matched or third-party grafts (Figure 5A). Kaplan-Meier survival curves demonstrate prolonged graft survival in tolerant mice, compared with the rapid rejection of third-party grafts (Figure 5B). Gross examination of cervical grafts at the study endpoint reveals clear differences between healthy and necrotic allografts (Figure 5C). Histopathological analysis confirms these observations: syngeneic and tolerant grafts demonstrate preserved myocardial architecture and minimal peri-anastomotic inflammation, whereas rejected grafts display interstitial hemorrhage, myocyte necrosis, and dense perivascular infiltrates (Figure 5D).

Collectively, these representative outcomes confirm that the cuff-free, suture-based cervical transplantation technique is technically reproducible and biologically relevant. Positive results are indicated by intense graft pulsation, preserved histology, and graft survival in syngeneic controls, while adverse outcomes highlight common technical pitfalls. Together, these findings validate the method as a reliable platform for mechanistic studies of transplant tolerance.

[bookmark: 1t3h5sf]FIGURE AND TABLE LEGENDS: 
[bookmark: _Hlk216875475]Figure 1: Surgical illustration of cuff-free cervical heart transplantation. A schematic diagram showing the anastomoses and blood flow of the procedure. (A) Microscopic view of the anastomosis of the cuff-free cervical heart transplantation. The donor ascending aorta is anastomosed end-to-end to the recipient carotid artery, and the donor pulmonary trunk is anastomosed end-to-end to the recipient external jugular vein. (B) Blood flow through the graft. Blood from the recipient's carotid artery enters the donor's ascending aorta and perfuses the graft via the coronary arteries. Venous blood drains through the coronary sinus into the right atrium and right ventricle, then is ejected into the pulmonary trunk and finally drains into the recipient external jugular vein. This model mimics physiological blood flow in the coronary circulation.

Figure 2: Required instruments. Representative sterile microsurgical instruments for microsurgery, including microsurgical forceps, needle holders, scissors, a portable cauterizing instrument, vascular clamps, and 10 - 0 or 11 - 0 nylon sutures. 

Figure 3: Donor harvest and modification. (A) The position of the ascending aorta (AA) and pulmonary trunk (PT) of the donor heart. The connective tissue between the AA and the PT should be bluntly separated. (B) Trim the ascending aorta and pulmonary trunk. Preserve the anterior wall of the PT as long as possible.

Figure 4: Allograft implantation and representative surgical outcomes. (A) Schematic of the sleeve technique used in graft-recipient vessel anastomoses. (B) Intraoperative photo showing the removal of the right thyroid lobe and exposure of the external jugular vein (EJV). (C) Intraoperative photo showing the exposure of the EJV and carotid artery (CA). (D) Example of a successful arterial anastomosis: (1) positioning of the donor ascending aorta (AA) and recipient CA before anastomosis; (2) placement of 11 - 0 nylon sutures using the sleeve technique to secure the anastomosis; (3) superficial bites of the donor AA through the wall of the recipient CA under gentle tension on the suture; and (4) the donor AA covering the recipient CA after completion of the anastomosis. (E) Example of a successful venous anastomosis: (1) positioning of the donor pulmonary trunk (PT) and recipient EJV; (2) placement of 11 - 0 nylon sutures to secure the anastomosis; and (3) the donor PT sleeve covering the recipient EJV after completion of the anastomosis. (F) Representative photo of visibly red graft post reperfusion with no leakage at the anastomosis sites. 

Figure 5: Experimental design for tolerance studies and representative graft morphology and histopathology. (A) Schematic of experimental groups: primary abdominal heart transplant followed by secondary cervical transplant with either donor-matched (BALB/c, H-2d) or third-party (C3H, H-2k) hearts in C57BL/6 (H-2b) background recipients that were tolerant to BALB/c (H-2ᵈ) primary grafts. (B) Kaplan-Meier survival curves with log-rank test demonstrating prolonged graft survival in tolerant mice versus rapid rejection of third-party grafts, illustrating how the cervical model is applied to mechanistic studies of immune tolerance. (C) Gross images of cervical grafts at endpoint, demonstrating healthy versus necrotic appearance. These representative outcomes confirm the model's interpretability across both successful and failed grafts. (D) Hematoxylin and eosin (H&E) staining of representative cervical grafts: a syngeneic graft, a tolerant full MHC-mismatched donor graft, and a rejected third-party allograft. The tolerant cardiac allograft shows preserved myocardial architecture and minimal peri-anastomotic inflammation, whereas the rejected third-party cardiac allograft shows interstitial hemorrhage, myocyte necrosis, and perivascular infiltrates.

Supplementary Figure 1: Cervical skin incision and closure. (A) Longitudinal skin incision with a reversed T-shape over the neck, extending from the sternum to the right mandibular angle. (B) Closure of the cervical incision with simple interrupted sutures to minimize postoperative swelling.

Supplementary Table 1: Retrospective comparison of cuff-free suture-based versus cuff-based cervical heterotopic heart transplantation in mice. Values for operative time, anastomosis time, and estimated blood loss are shown as mean (standard deviation, SD) and median (range). Early technical failure, perioperative mortality, and day 7 graft survival are expressed as counts and percentages. P-values for continuous variables were calculated using Welch’s t-test, and P-values for proportions were calculated using Fisher’s exact test.

Supplementary Video 1: Successful arterial and venous anastomoses with immediate graft contraction. This video demonstrates a successful cervical heterotopic heart transplantation. After completing the end-to-end arterial and venous anastomoses and releasing the vascular clamps, the graft rapidly fills with blood and exhibits immediate, strong, and rhythmic contraction, indicating adequate perfusion and patency.

Supplementary Video 2: Monitoring graft pulsation at the cervical transplantation site. This video illustrates the assessment of secondary cervical graft pulsation in a recipient. Graft pulsation is visualized through the cervical skin at the transplantation site, allowing noninvasive longitudinal monitoring of graft survival and function.

DISCUSSION: 
Murine heart transplantation models have played a critical role in advancing our understanding of transplant immunology. Since the development of the original heterotopic abdominal model, these systems have been utilized to characterize the cellular and molecular mechanisms of rejection, test novel immunosuppressive regimens, and evaluate genetic modifications in both donor and recipient strain8,17,31. The ability to use inbred and transgenic mice provides unique opportunities to dissect immune pathways in a controlled setting. Findings from murine models have informed both preclinical studies in large animals and early-phase clinical trials32. Within this framework, murine secondary cardiac transplantation models enable us to directly evaluate donor-specific tolerance and alloimmune memory responses. The cervical secondary transplantation model described here supports rigorous testing of immune tolerance, defined as the acceptance of allografts in the absence of continuous immunosuppression8. Tolerance represents a central goal of the field because current regimens, while effective against T cell-mediated rejection, do not prevent antibody-mediated rejection and are associated with substantial toxicity33. Performing secondary cervical transplants with donor-matched and third-party grafts provides a practical way to assess donor specificity of tolerance, a critical endpoint in mechanistic studies8,13,17.

Relative to conventional cuff-based methods, the cuff-free suture technique eliminates intraluminal synthetic material at the anastomotic site, thereby avoiding direct polymer–blood contact and potential cuff-related artifacts28. Studies in other vascular settings suggest that end-to-end geometries can generate less disturbed flow than some end-to-side or cuff configurations34,35. Although we did not directly compare graft hemodynamics or peri-anastomotic inflammation between techniques in this study. We therefore view reduced biomaterial exposure and a more straightforward inflow-outflow pattern as conceptual advantages rather than demonstrated superiority over cuff-based cervical grafts. These features are especially relevant in tolerance research, where subtle changes in immune cell trafficking or vascular injury could bias results. From a practical standpoint, our experience suggests that the suture-based approach is also useful for small-caliber vessels such as those encountered in genetically modified or immunosuppressed mice, where cuffs can be technically challenging to apply.

A critical determinant of success in cuff-free cervical heterotopic heart transplantation is the quality of the vascular anastomoses. Precise isolation of the carotid artery and external jugular vein, atraumatic vessel handling, and evenly spaced end-to-end sutures are essential for maintaining patency. Intraoperative patency testing, achieved through gentle flushing and immediate visual confirmation of graft contraction, provides reliable indicators of technical success. Donor preparation is equally important: trimming the ascending aorta and pulmonary artery to an optimal length minimizes tension during anastomosis and prevents kinking.

Several troubleshooting strategies can help avoid common pitfalls. Back-wall suturing is a frequent cause of absent or weak graft contraction36 and can be minimized by maintaining proper visualization of the vessel lumen under high magnification. Vessel twisting or excessive suture tension may reduce flow and should be corrected before reperfusion. Thrombosis at the anastomotic site can be prevented by ensuring smooth suture placement and limiting operative ischemia time. For operators early in their training, practicing on syngeneic grafts can enhance technical proficiency before progressing to tolerance studies.

Despite the proposed advantages, the technique has several limitations. First, the cervical pocket provides a more restricted space than the abdominal cavity, making graft positioning challenging in recipients. Second, the end-to-end configuration requires unilateral ligation of the right common carotid artery and external jugular vein. In our experience with young, healthy mice and limited clamp times, we have not observed overt neurologic deficits, but a transient reduction in cerebral perfusion is inevitable, and this approach may be less suitable in aged animals or in models with cerebrovascular comorbidities. Third, vascular geometry does not replicate the end-to-side anatomy of the standard abdominal heterotopic transplant; instead, the model is designed to provide a stable and reproducible circulation that is sufficient for long-term graft function and secondary tolerance testing, rather than precisely mimicking abdominal heart graft inflow and outflow patterns. Finally, the procedure demands advanced microsurgical skills, a stable operating microscope, and specialized instruments, which may not be readily available in all laboratories. Future studies comparing the direct effects of peri-anastomotic inflammation, thrombosis, and hemodynamics between cuff-free and cuff-based approaches will be informative.

The significance of this protocol lies in its ability to provide a reproducible platform for secondary heart transplantation in mice related to immune tolerance studies. By enabling donor-matched or third-party grafts in the cervical region, this method allows investigators to rigorously evaluate donor-specific tolerance, a cornerstone of transplantation research. The model also facilitates serial graft monitoring and easy tissue retrieval, making it well-suited for mechanistic studies involving histology, flow cytometry, and single-cell analysis. Beyond tolerance research, this protocol has potential applications in testing novel immunotherapies, dissecting pathways of antibody-mediated rejection, and modeling chronic allograft injury.
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