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SUMMARY: 
This study established a rat femoral half-segmental defect model to evaluate the mechanical and osteogenic performance of bone substitute materials under load-bearing conditions without the use of internal or external fixation.

ABSTRACT: 
[bookmark: _Hlk201359524][bookmark: OLE_LINK9][bookmark: OLE_LINK16][bookmark: _Hlk201408674][bookmark: _Hlk201681995]Accurate preclinical evaluation of bone substitute materials demands models that not only support tissue regeneration but also reflect the mechanical challenges of physiological load-bearing conditions. However, most conventional animal bone defect models fall short in this regard. For example, calvarial defect models, though widely used, are created in non-load-bearing regions. Similarly, drill-hole or partial defects in long bones primarily focus on localized healing, lacking sufficient load transfer to assess mechanical support. This study established a standardized half-segmental diaphyseal bone defect model in the rat femur to assess both the mechanical and biological performance of bone substitute materials in a load-bearing context without the use of fixation devices. Using a high-speed handpiece and a specialized cylindrical dental bur, a semi-cylindrical defect measuring 4 mm in length and 1.5 mm in radius was created in the lateral midshaft of the femur. Two representative materials with distinct properties—Gelatin methacryloyl (GelMA) hydrogel and 3D-printed polymethyl methacrylate (3DP-PMMA)—were implanted to validate the model's capacity to differentiate the mechanical properties of materials. Radiographic, histological, and immunofluorescent analyses performed at 4 weeks post-implantation revealed that, due to inadequate mechanical support, GelMA implantation led to malunion with fibrous tissue predominance and limited bone integration. In contrast, 3DP-PMMA facilitated the organization of new bone formation, periosteal continuity, and the recruitment of Piezo type mechanosensitive ion channel component 1-expressing (Piezo1+) and leptin receptor-expressing (LepR+) cells. This model provides a practical and reproducible platform for assessing the load-bearing capacity, osteoinductivity, and osseointegration potential of biomaterials. It can serve as a valuable tool for screening candidate materials for orthopedic applications, such as long bone reconstruction or fracture repair.

INTRODUCTION:
Under physiological conditions, bone plays a central role in maintaining the structural integrity and mechanical function of the body. It supports body weight, enables movement, and protects internal organs. When bone is damaged due to trauma, tumor resection, or infection, especially in load-bearing regions, the mechanical continuity is interrupted. This disruption often leads to complications such as bone deformity, reduced mobility, limb instability, chronic pain, and even life-threatening issues from severe fractures and hemorrhage1,2. Nowadays, bone substitutes such as bone grafting and biomaterials have been clinically applied to replace severely damaged bone tissue or restore large-scale bone defects. Similarly, for the implanted bone substitutes, their compromised mechanical performance can lead to implant failure, resulting in non-union or even catastrophic fractures at the defect site3,4. To restore both structure and function, bone substitute materials must not only promote bone regeneration but also possess sufficient mechanical strength to withstand physiological loading5. 

A critical step prior to clinical translation is the realistic assessment of whether a biomaterial, once implanted in vivo, can meet the mechanical demands required for structural support in load-bearing bone regions. Although many biomaterials have shown promise in vitro or in small, non-load-bearing models, their translation to clinical practice is often hindered by the lack of reliable preclinical models that simulate in vivo mechanical conditions. Currently used animal models for bone defect studies include mandibular defects6, calvarial defects7, drill-hole/partial defects in long bones8, post-extraction sockets9, and so on. These models primarily evaluate a material’s osteogenic capacity and focus on histological or radiographic regeneration endpoints10,11. However, considering that these sites are either non-load-bearing or mechanically protected, they fail to replicate the dynamic stress conditions encountered in long bones12. Even when mechanical properties are tested by in vitro techniques such as compressive or tensile strength assays, these fail to replicate the dynamic loading and host tissue interactions inherent to in vivo environments13.

A major gap in preclinical research remains the lack of a standardized, reproducible animal model that allows in vivo mechanical assessment of bone substitutes under load-bearing conditions. To address this, the current study established a half-segmental diaphyseal bone defect model in rats. This model provides a stable and reproducible defect site in a load-bearing region, enabling direct evaluation of the mechanical support capacity of bone substitute materials under physiological loading, while concurrently allowing assessment of osteogenic outcomes. Moreover, the model can be applied across various animal species, with defect size and location adjusted according to the specific animal used. Nevertheless, it does not fully replicate the complex biomechanical environment of human bones, and for studies focused solely on non-load-bearing defects, cranial bone healing, or very large structural implants, alternative models may be more appropriate.

PROTOCOL: 
[bookmark: _Hlk211022761]All animal procedures conducted in this study received approval from the Ethical Committee of the West China School of Stomatology, Sichuan University (WCHSIRB-AT-2025-342). Male Sprague-Dawley rats (180 g each) were obtained from a commercial source and randomly assigned to two groups (n = 6 per group) according to the implanted material. The reagents and the equipment used are listed in the Table of Materials.

1. Pre-operative preparation

1.1. Surgical items

1.1.1. Prepare surgical instruments referring to Figure 1A, corresponding to the numbered labels in the figure, in the following order: curved forceps, disposable sterile scalpel, straight scissors, periosteal elevator, irrigation needle, a specific dental diamond bur (see the enlarged view in Figure 1B), high-speed handpiece, vernier caliper, surgical motor, monofilament suture (4-0), and needle holder.

1.1.2. Prepare 0.9% sterile saline solution for irrigation.

1.2. Sterilization and disinfection

1.2.1. Sterilize surgical instruments that can withstand autoclaving, including curved forceps, scissors, periosteal elevator, dental diamond bur, high-speed handpiece, and needle holder.

NOTE: Instruments should be wrapped in medical non-woven fabrics and sealed with autoclave tape for steam sterilization at 121–134 °C for 20–25 min.

1.2.2. For heat-sensitive instruments, such as vernier calipers and surgical motor, expose them to ultraviolet light for at least 30 min for disinfection. Disposable items, such as the disposable sterile scalpel, irrigation needle, and sutures, should remain sealed in their original sterile packaging until use.

1.2.3. Ensure the surgical environment is sterile and temperature-controlled. Wipe down the surgical bench and surrounding surfaces with 75% ethanol. Use sterile, medical-grade non-woven fabrics to cover the operating table.

CAUTION: Ethanol is flammable; handle away from ignition sources and store in closed containers. Collect ethanol waste in designated chemical waste containers for proper disposal. Wear appropriate personal protective equipment, including gloves, a lab coat, and safety goggles. 

1.3. Anesthesia

1.3.1. Weigh the rat and calculate the anesthetic dosage (100 mg/kg of ketamine and 10 mg/kg of xylazine, intraperitoneally).

1.3.2. Induce anesthesia 20 min before surgery (following institutionally approved protocols) and confirm its depth by checking for the absence of response to toe pinch and the loss of the righting reflex.

1.3.3. Apply ophthalmic ointment to both eyes to prevent corneal drying during the procedure.

2. Surgical procedure

2.1. Site preparation

2.1.1. Place the rat in a lateral recumbent position on the sterile surgical bench. Shave the lateral thigh area corresponding to the femur projection and disinfect the skin using 2% iodine tincture, followed by 75% ethanol (Figure 2Ba).

CAUTION: Iodine tincture is flammable and irritant. Handle in a well-ventilated area while wearing gloves, a lab coat, and safety goggles. Dispose of used wipes and solutions in designated chemical waste containers according to institutional safety regulations.

2.1.2. [bookmark: OLE_LINK17][bookmark: OLE_LINK2]Drape the surgical site with the sterile fenestrated sheet to maintain asepsis.

2.2. Surgical site opening

2.2.1. Use curved forceps to assist in stabilizing the tissues, holding the muscles, and gently securing the femur throughout the surgical procedure (Figure 2Bb-h).

2.2.2. Make a 2–3 cm longitudinal skin incision over the lateral aspect of the thigh with a straight scissor to expose the underlying muscles (Figure 2Bb).

2.2.3. [bookmark: _Hlk210659140]Identify the rectus femoris and vastus lateralis muscles, and carefully separate them along the visible white fascia (indicated by the yellow arrow in Figure 2Bb) using a straight scissor (Figure 2Bc).

2.2.4. [bookmark: OLE_LINK3]Locate and expose the muscle attachments on the lateral surface of the femur (Figure 2Bd).

2.2.5. Make a longitudinal incision along the muscle attachments with a disposable sterile scalpel to gain access to the femoral surface (Figure 2Be).

[bookmark: OLE_LINK1]NOTE: When performing sharp dissection (using a scissor or scalpel) for soft tissue separation, take care not to damage the underlying blood vessels and nerves. If unfamiliar with the anatomical structures, use fine-tipped forceps and a periosteal elevator to perform blunt dissection.

2.2.6. Perform blunt dissection using a periosteal elevator to detach muscle attachments and fully expose the mid-diaphysis of the femur (Figure 2Bf).

2.2.7. Further separate the femur from the surrounding muscles and hold the midshaft of the femur using curved forceps (Figure 2Bg).

2.3. Half-segmental diaphyseal bone defect model establishment

2.3.1. Attach the flat-ended cylindrical specific dental diamond (Figure 1B) bur to the high-speed handpiece, powered by the surgical motor. Set the surgical motor to 35,000 rpm.

2.3.2. [bookmark: OLE_LINK18]Under direct visualization, identify the highest point of the femoral midshaft as the anatomical center for defect creation. Drill vertically downward at this point using the bur until a sudden loss of resistance is observed, accompanied by the appearance of blood effusion within the defect, which indicates full cortical penetration and access to the medullary cavity (Figure 2Bh).

NOTE: Given inter-animal variability in cortical thickness, operators are advised to familiarize themselves with femoral anatomy and to perform pre-experimental training to standardize this step.

2.3.3. [bookmark: OLE_LINK4]Enlarge the defect by applying controlled horizontal push-pull motions centered around the initial penetration point. Extend the defect longitudinally (along the femoral axis) and laterally (along the femoral diameter) to gradually form a standardized semi-cylindrical defect measuring 4 mm in length and 1.5 mm in radius (Figure 2Bi, see Figure 2A for the morphology and position of the defect).

[bookmark: OLE_LINK19]NOTE: Once the center point is established, use a vernier caliper to assist in stepwise defect enlargement, ensuring uniform dimensions across all specimens. The flat-end cylindrical design of the specialized dental bur matches the semi-cylindrical defect, allowing efficient and reproducible preparation. 

2.3.4. [bookmark: OLE_LINK5]Continuously irrigate the surgical site with sterile saline using the irrigation needle to prevent thermal necrosis during bone cutting.

2.4. Bone substitute implantation

2.4.1. Gently remove bone debris and irrigate the site to clear residual particles.

2.4.2. [bookmark: OLE_LINK15]Implant non-load-bearing Gelatin methacryloyl (GelMA) hydrogels (see Table of Materials) or load-bearing 3D-printed polymethyl methacrylate (3DP-PMMA) intended for mechanical performance testing into the defect site, ensuring a snug fit (Figure 2Bj).

[bookmark: _Hlk211483229][bookmark: _Hlk211029937]NOTE: The two biomaterials used here were deliberately selected to represent contrasting mechanical and biological properties: GelMA hydrogel serves as a soft, non-load-bearing material with limited osteogenic potential, whereas 3DP-PMMA acts as a rigid, load-bearing scaffold capable of effective stress transmission and supporting bone formation14 (Figure 2A). This contrast highlights the model’s ability to evaluate implants with a wide range of mechanical strength and biological performance, and in practice, the defect model can be applied to test other candidate materials with mechanical properties.

2.5. Surgical site closure

2.5.1. Suture the muscle layers using 4-0 monofilament sutures and a needle holder, taking care to avoid excessive tension (Figure 2Bk).

2.5.2. [bookmark: OLE_LINK6]Perform skin closure with interrupted sutures and disinfect the surgical site using 2% iodophor solution (Figure 2Bl).

3. Post-operative care

3.1. [bookmark: _GoBack]Transfer the rats onto a disinfected, constant heating pad (37 °C) to allow post-operative recovery.

3.2. Administer appropriate post-operative analgesia (e.g., buprenorphine at 0.03 mg/kg subcutaneously every 12 h for 48–72 h).

3.3. Once the rats regain consciousness, place them in clean cages with soft bedding and easy access to food and water.

3.4. Monitor the surgical site daily for signs of infection, dehiscence, or abnormal swelling. Observe the rats’ behavior, weight, and mobility for at least 7 days post-surgery to ensure recovery and assess welfare.

4. Sample harvesting and data collection

4.1. Sample collection

4.1.1. Euthanize the rats with carbon dioxide inhalation followed by secondary confirmation (following institutionally approved protocols). 

4.1.2. Harvest the femur specimens at 4 weeks post-implantation with animals initially randomized into two material groups (n = 6 per group) to assess the materials’ mechanical performance.

NOTE: In the GelMA group, three animals developed complete fractures shortly after surgery and were excluded, leaving three specimens available for subsequent analyses.

4.1.3. Fix the femoral specimens in 4% paraformaldehyde for 48 h at 4 °C.

CAUTION: Paraformaldehyde is toxic and should be handled in a certified fume hood. Wear gloves, a lab coat, and safety goggles or a face shield. Collect waste solutions in labeled hazardous chemical waste containers for disposal.

4.2. Micro-computed tomography (μCT) evaluation

4.2.1. Perform μCT scanning on femoral specimens collected at 4 weeks post-implantation with the following scanning parameters: X-ray tube potential, 70 kVp; X-ray intensity, 0.2 mA; filter, AL 0.5 mm; integration time, 1 x 300 ms; and voxel size, 17 μm.

4.2.2. Perform 3D reconstruction using the predefined scripts provided in the μCT machine software. Generate cross-sectional images of the defect site using the reslice function of dedicated image-processing software. Follow the standard workflows as described in the respective software manuals.

4.3. Histological staining

4.3.1. Decalcify the samples at 4 °C using 12% ethylenediaminetetraacetic acid (EDTA) (pH 7.2) for 6 weeks on a shaker.

NOTE: Replace the EDTA solution every 2 days. Verify decalcification progress regularly. Decalcification is complete when the sample is pliable under pressure or passes a needle. 

CAUTION: Dispose of EDTA solutions according to institutional guidelines for aqueous chemical waste. Contaminated biological material should be treated as biohazardous waste.

4.3.2. Dehydrate the samples in a graded series of ethanol dilutions and then embed them in paraffin.

4.3.3. Cut the paraffin-embedded samples sagittally into 6 μm-thick slices.

NOTE: Ensure sections include the interface between the implanted material and host tissue.

4.3.4. Perform hematoxylin-eosin (H&E) and Masson’s trichrome staining using commercially available kits (see Table of Materials). Carry out all procedures strictly according to the manufacturer’s standard protocols without any deviations. Observe defect site healing by histopathology.

CAUTION: Dispose of staining solutions and contaminated consumables in accordance with institutional biosafety and hazardous waste disposal protocols.

4.4. Immunofluorescent (IF) staining 

4.4.1. Deparaffinize and rehydrate 6 μm-thick paraffin sections using a series of xylene and graded ethanol solutions.

CAUTION: Xylene is flammable and toxic. Handle xylene in a fume hood while wearing gloves, a lab coat, and safety goggles. Collect waste solvents separately in chemical waste containers for appropriate disposal.

4.4.2. Perform antigen retrieval by incubating the slides in citrate buffer (pH 6.0) at 95–100 °C for 15–20 min. Allow the slides to cool naturally to room temperature.

4.4.3. Wash the sections with phosphate-buffered saline (PBS) for 5 min and treat the sections with 0.1% Triton X-100 in PBS for 20 min to facilitate antibody penetration. Then block non-specific binding sites with 5% bovine serum albumin (BSA) in PBS for 1 h at room temperature.

CAUTION: Triton X-100 is an irritant; handle with gloves, a lab coat, and safety goggles in a ventilated area. Dispose of Triton X-100 solutions as chemical waste in designated containers. For all procedures, solutions that have come into contact with tissue sections, such as BSA and PBS, should be regarded as biological waste and must be collected and disposed of in accordance with institutional biosafety protocols.

4.4.4. [bookmark: _Hlk211023666][bookmark: _Hlk211023698]Incubate the sections with primary antibodies (anti-Piezo type mechanosensitive ion channel component 1 (Piezo1), diluted 1:200; anti-leptin receptor (LepR), diluted 1:50) in antibody dilution buffer. Apply 50 µL of diluted antibody solution to each section and incubate for 12–18 h at 4 °C in the dark in a humidified chamber.

4.4.5. Wash the slides with PBS (3 × 5 min), then incubate them with fluorophore-conjugated secondary antibodies (diluted 1:200). Apply 50 µL of diluted antibody solution to each section and incubate for 2 h at room temperature in the dark in a humidified chamber.

4.4.6. Rinse the slides again in PBS (3 × 5 min), then counterstain nuclei with 4’,6-diamidino-2-phenylindole (DAPI) (diluted 1:50) for 5 min.

4.4.7. [bookmark: OLE_LINK11]Mount the sections with antifade mounting medium and cover with a coverslip.

4.4.8. [bookmark: OLE_LINK20]Visualize and capture images using a laser scanning confocal microscope with appropriate filter settings.

REPRESENTATIVE RESULTS: 
In this study, the half-segmental diaphyseal bone defect model in rats was established through drilling a defect measuring 4 mm in length and 1.5 mm in radius at the femoral midshaft with a flat-ended cylindrical specific dental diamond bur (Figure 2A). To demonstrate the model’s capability of testing materials’ mechanical and biological performance, we set two comparison groups, with defects implanted with either GelMA hydrogels or 3DP-PMMA (Figure 3, Figure 4, and Figure 5). The GelMA hydrogel is characterized by poor mechanical strength and suboptimal osteogenic capacity, while 3DP-PMMA is hypothesized to possess reliable load-bearing capacity and effective stress-transmitting properties15,16. In the GelMA group, half of the animals developed complete fractures shortly after surgery and were excluded from further analysis, while the remaining three consistently exhibited malunion without normal bone healing. By contrast, all six animals in the 3D-printed PMMA group survived and achieved stable union, with no fractures or malunions observed.

[bookmark: OLE_LINK21][bookmark: OLE_LINK12]Samples were collected 4 weeks after material implantation to track the progression of bone healing. By week 4, organized lamellar bone with enhanced mechanical strength begins to replace the initial, disorganized woven bone17. For implanted bone substitutes, this time point corresponds to the peak anabolic phase, characterized by the highest osteoblast activity and bone matrix deposition18. This stage is critical for evaluating the materials’ biomechanical load-bearing capacity, biocompatibility, osteogenic potential, and integration with host bone. Thus, we primarily demonstrated representative reconstructed 3D models, X-ray projection images, and longitudinal and cross-sectional views collected at week 4 post-operatively (Figure 3). Results of μCT suggested that the femur with GelMA hydrogel implantation showed unsatisfactory morphological restoration. The defect area remained concave and failed to regain the original contour of the femoral surface (Figure 3A1–3). Extensive ectopic ossification within the medullary cavity was observed in both the longitudinal and cross-sectional views (Figure 3A4–5). The femur in the 3DP-PMMA implantation group exhibited a healing morphology resembling a normal bone. The defect area was supported by newly formed bone, which aligned well with the cortical bone on both sides of the defect. There was relatively little extensive ectopic ossification observed with 3DP-PMMA implantation (Figure 3B).

[bookmark: _Hlk210653415]Moreover, histological analysis of samples collected at 4 weeks post-operation, including H&E and Masson's trichrome staining, revealed the morphology and tissue composition of the defect sites (Figure 4). In the GelMA hydrogel group, abundant fibrous tissue was observed within the defect (Figure 4A), and dense ectopic bone formation was noted beneath it, adjacent to the medullary cavity. This ectopic bone, which nearly occluded the medullary space, appeared dark blue in Masson's trichrome staining, while the lighter blue regions corresponded to fibrous connective tissue (Figure 4B). Due to the malunion pattern in the GelMA group, the original defect boundaries could not be clearly delineated, and the space that was initially filled with hydrogel was largely replaced by inflammatory tissue, disorganized fibrous tissue, and ectopic bone tissues. No formation or continuity of periosteum was detected on the outer surface of the implanted material, and no newly formed cortical bone was observed along the defect margins or the fibrous healing surface. In contrast, the 3DP-PMMA group exhibited more favorable healing outcomes. Newly formed bone was found growing along the blank space originally occupied by the 3D-printed scaffold, showing a tendency to connect with the original cortical bone on both sides of the defect. Continuous light blue mineralized fibers were present on the outer surface of the implanted material, indicating periosteal bone formation covering the defect surface. A thin layer of blue-stained new bone was also seen on the inner surface of the implant, beneath which normal bone marrow tissue was observed, suggesting the absence of significant ectopic ossification in the medullary cavity (Figure 4B).

[bookmark: OLE_LINK13]Piezo1 plays a pivotal role in translating mechanical stimuli into biochemical signals, thereby regulating bone formation19. The expression of Piezo1 in cells adjacent to implanted biomaterials indicates the material's capacity to transmit mechanical loads and stimulate mechanotransduction pathways20. LepR marks a subset of bone marrow-derived mesenchymal stromal cells (BMSCs) that serve as primary progenitors for osteoblasts in adult bone21. The recruitment and differentiation of LepR⁺ BMSCs at the implantation site reflect the material's ability to attract endogenous stem cells, highlighting its osteoinductive potential and biocompatibility. At week 4, IF staining for Piezo1+ and LepR+ cells at the defect sites illustrated the healing process, highlighting distinct cellular responses elicited by the two materials (Figure 5A). After four weeks of GelMA implantation, only a few Piezo1+ and LepR+ cells were detected within the regenerated bone tissue near the defect area. In contrast, in the 3DP-PMMA group, numerous Piezo1+ cells responding to mechanical cues were observed within the newly formed bone, along with a substantial number of recruited LepR+ BMSCs actively participating in defect repair. Quantitative analysis further confirmed significant differences between the two groups (Figure 5B). The number of Piezo1+ and LepR+ cells was markedly higher in the 3DP-PMMA group compared with the GelMA group (p < 0.0001, two-way ANOVA followed by Tukey’s post hoc tests). 

FIGURE LEGENDS: 

Figure 1: Surgical instruments. (A) The surgical items include: (1) curved forceps, (2) disposable sterile scalpel, (3) straight scissor, (4) periosteal elevator, (5) irrigation needle, (6) flat-ended cylindrical specific dental diamond bur, (7) high-speed handpiece, (8) vernier caliper, (9) surgical motor, (10) 4-0 monofilament suture, and (11) needle holder. (B) Enlarged view of the flat-ended cylindrical specific dental diamond bur.

Figure 2: Establishment of the standardized load-bearing femoral defect model. (A) Schematic illustration of the semi-cylindrical femoral defect (4 mm in length and 1.5 mm in radius) and its anatomical location. The two implant materials are shown: GelMA hydrogel and 3D-printed PMMA scaffold. Pink arrows indicate relative osteogenic potential, and green columns indicate mechanical load-bearing strength. (B) Surgical procedure. (a) Position the rat in a lateral position. (b) Incise the skin overlying the femur. (c) Separate the rectus femoris and vastus lateralis muscles along the white fascia (yellow arrow in b). (d) Expose the attachment tendon (green arrow) on the lateral surface of the femur. (e) Incise the tendon. (f) Perform a blunt dissection of the muscle to reach the femoral surface with a periosteal elevator. (g) Expose the midshaft of the femur and stabilize it with forceps. (h) Create the defect with a flat-tipped cylindrical diamond bur. (i) Create a defect measuring 4 mm in length and 1.5 mm in radius. (j) Implant bone substitute material (exemplified here by 3DP-PMMA). (k) Suture the muscular layer with 4-0 sutures in an interrupted pattern. (l) Close the skin using 4-0 sutures.

[bookmark: _Hlk211484582]Figure 3: μCT evaluation of femoral defect healing at post-operative 4 weeks. Representative reconstructed 3D models (a1, a3, b1, b3), X-ray projection images (a2, b2), and longitudinal (a4, b4) and cross-sectional (a5, b5) views of the defect site following implantation of GelMA hydrogel (A) and 3DP-PMMA (B). Scale bars: 1.5 mm.

[bookmark: _Hlk211480984]Figure 4: Histological analysis of femoral defects at 4 weeks post-implantation. (A) H&E and (B) Masson's trichrome staining of the defect sites following implantation of (a) GelMA or (b) 3DP-PMMA. For each group, two representative regions (i, ii) are shown at higher magnification. The red square frame indicates the direct contact region between the material and the cortical bone. The black square frame highlights the junction zone between the material and the bone marrow cavity. In both panels, newly formed bone tissue is marked with asterisks (*), fibrous tissue with arrows (→), periosteum with dots (●), and the original material location with triangles (▲). Scale bars: 1 mm in low magnification and 200 µm in high magnification. Abbreviations: H&E = hematoxylin and eosin.

[bookmark: _Hlk211024397][bookmark: _Hlk210414367][bookmark: _Hlk211026631]Figure 5: Immunofluorescence detection of Piezo1+ and LepR+ cells at 4 weeks post-implantation. (A) Representative images showing the distribution of Piezo1⁺ cells (green) and LepR⁺ cells (red) in the regenerated bone tissue of GelMA hydrogel and 3DP-PMMA groups. Nuclei were counterstained with DAPI (blue). Scale bars: 100 µm. (B) Quantitative analysis of Piezo1+ and LepR+ cells between the two groups. Five regions of interest (ROIs) (200 × 200 µm each) per group per marker were randomly selected for quantification. Data are presented as mean ± SD, with individual ROI values shown as scatter points. Statistical comparisons were performed using two-way ANOVA with Group (GelMA vs 3DP-PMMA) and Marker (Piezo1 vs LepR) as factors; post hoc Tukey’s tests were applied for pairwise comparisons. Significance is indicated by asterisks: **** p < 0.0001.

DISCUSSION:  
Apart from the widely emphasized properties of osteoinductivity, osteointegration, and biocompatibility5, the mechanical responsiveness and load-bearing capacity of bone substitutes are equally vital, particularly for repairing defects in weight-bearing bones22. Conventional assessments of mechanical performance typically rely on in vitro methods, such as universal testing machines, compression testing, or tensile strength analysis23–25. While informative, these approaches fail to capture the complex mechanical interactions between the implanted material and host tissue under physiological conditions26. To bridge this gap, in vivo models that mimic mechanical stimuli within load-bearing environments are essential for evaluating the true structural performance of bone substitutes. Among prevailing bone defect models, the calvarial defect is designed to study intramembranous ossification, offering a predictable cellular environment suitable for examining osteogenic factors and cell populations27. However, as a non-load-bearing model, it is inherently limited in evaluating a material’s mechanical performance in vivo. Similarly, other commonly used models, including mandibular defects and drill-hole defects in long bones, do not adequately simulate physiological loading or mechanical stress.

[bookmark: _Hlk210076727]Given these limitations, there is a pressing need for a defect model capable of assessing mechanical support under true load-bearing conditions within a living system. In order to address this need, this study developed a standardized half-segmental femoral defect model in rats. By incorporating 3DP-PMMA and GelMA with distinct physicochemical properties, we demonstrated that this defect model allows for the evaluation of material-specific effects on osteogenesis and mechanical integration. This highlights the model’s utility in discriminating between the biological and structural performance of different bone substitute materials. GelMA hydrogels have been widely used in tissue engineering due to their excellent biocompatibility28. However, they exhibit relatively low mechanical strength, which limits their application in load-bearing bone repair15,29. In comparison, 3DP-PMMA exhibits excellent mechanical strength, good biocompatibility, and can support osteogenic cell attachment and proliferation, making it a well-established material for load-bearing applications16,30–32. The results of μCT, histopathological staining, and IF staining in this model suggested that the GelMA hydrogel resulted in fibrosis and poor bone integration (Figure 3A,  Figure 4, and Figure 5A). In contrast, 3DP-PMMA facilitated near-normal femoral morphology at the macroscopic level, and at the cellular level, it recruited abundant Piezo1+ mechanosensitive cells and LepR+ BMSCs to generate functionally organized bone (Figure 3B, and Figure 5B).

[bookmark: _Hlk211024594]Interestingly, extensive ectopic ossification within the medullary cavity was observed in the GelMA group (Figure 3A). This ectopic bone formation may be associated with the local microenvironment established after hydrogel implantation. In our previous study using GelMA hydrogels implanted in non-load-bearing cranial defects, a similar phenomenon was observed33. Moreover, other studies have reported that, beyond the intrinsic effects of hydrogel materials, local concentrations of cytokines such as vascular endothelial growth factor and bone morphogenetic protein after implantation can also influence ectopic ossification34,35. Given the load-bearing nature of the model, we propose an additional explanation that links this phenomenon to mechanical factors: insufficient mechanical stability in the defect region may alter local signaling within the marrow and defect microenvironment, thereby promoting aberrant osteogenic activity. To our knowledge, there have been no previous reports describing such medullary ectopic ossification following GelMA hydrogel implantation in load-bearing bone defects, making this an intriguing hypothesis that warrants further investigation. Overall, this phenomenon underscores the sensitivity of the present load-bearing model to mechanical cues and highlights its potential utility for studying instability-related ossification mechanisms in bone repair.

[bookmark: _Hlk210085969]To ensure reproducibility and accuracy in such assessments, several procedural steps are particularly critical: (1) A thorough understanding of the femur and its surrounding anatomical structures facilitates the rapid dissection of the midshaft femur while avoiding damage to adjacent tissues. (2) Due to the anatomical curvature of the femur, achieving uniform defect orientation can be technically challenging. To ensure consistency in defect shape and size across samples, we used a specialized flat-tipped cylindrical diamond bur, commonly employed in dentistry. Its geometry facilitates efficient trimming of the bone edges, helping to create clean 90-degree corners at the defect interface and aiding in forming a precise semi-cylindrical bone defect. Repeated verification of the dimensions with a vernier caliper is equally important. (3) During the drilling process, stabilizing the operational fulcrum and avoiding applying excessive vertical pressure helps prevent accidental complete fractures and excessive resection of bone tissue. Practical troubleshooting includes stabilizing the limb position to reduce vibration and, if bleeding occurs, promptly applying sterile gauze compression to achieve hemostasis.

[bookmark: OLE_LINK14][bookmark: _Hlk210656239][bookmark: _Hlk210085638][bookmark: _Hlk210658056][bookmark: _Hlk210657946]Despite these precautions, certain limitations remain inherent to the model. As quadrupeds, rodents distribute mechanical loads differently than bipeds, making it difficult to fully replicate human lower-limb biomechanics. While the femoral diaphysis is inherently load-bearing and the concave deformity on CT suggests compressive stress at the defect, particularly with soft implants, the in vivo load magnitude in this model cannot be accurately quantified. Furthermore, the model does not mimic complex clinical scenarios such as multi-fragmentary fractures or systemic bone disease. The defect dimensions proposed in this study have been experimentally optimized for rat models. While proportional scaling may apply to larger animal species, the appropriateness of such adaptations remains to be systematically evaluated. Anatomical inexperience or excessive bony removal may result in damage to adjacent vessels or nerves, or unintended femoral fracture, leading to bleeding, shock, or death. To minimize these complications, animals should be closely monitored post-operatively for signs of pain, limb dysfunction, or wound issues. Appropriate analgesics, supportive care, and timely interventions are recommended, and repeated complications should prompt a review of surgical technique and defect dimensions. Nevertheless, its simplicity and reproducibility offer a practical balance between relevance and technical feasibility, and the procedure is easy to perform without the need for additional fixation devices or complex external apparatus, which further enhances its applicability as a load-bearing defect model.
[bookmark: OLE_LINK22]
[bookmark: _Hlk211483911][bookmark: _Hlk210087208][bookmark: _Hlk210657577][bookmark: _Hlk211484045]Beyond these considerations, the model also allows for protocol modifications tailored to different experimental needs. It can be applied to animals of different ages to examine how implants with distinct mechanical properties perform across developmental stages. Observation periods may also be adjusted: while the present study focused on 4 weeks post-implantation to capture ongoing healing, sampling at 2 weeks can highlight early vascular ingrowth, and follow-up at 3 months can provide insights into long-term integration and remodeling. Moreover, the half-segmental defect model has been successfully adapted to larger species, such as pigs14, by adjusting defect location, size, and shape according to species-specific bone anatomy. Collectively, these potential modifications enable flexible application of the protocol across diverse scientific contexts, provided they are supported by prior literature and validated through pilot experiments. In addition to its methodological flexibilities, this model provides a platform for evaluating the mechanical and biological performance of biomaterials under load-bearing conditions. By replicating physiological loading environments, it facilitates the investigation of host-implant interactions and informs the design of next-generation load-bearing implants. With appropriate adaptations, the model can bridge preclinical and translational research by supporting large-animal studies or serving as an intermediate step before clinical evaluation. In summary, this protocol establishes a half-segmental diaphyseal defect model in the rat femur, enabling the concurrent evaluation of the mechanical integrity and osteogenic performance of bone substitute materials under physiological loading conditions. By incorporating dynamic load-bearing assessment in a weight-bearing context, this model overcomes key limitations of traditional defect models and provides a rigorous preclinical platform with strong translational relevance for load-bearing bone reconstruction.
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