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SUMMARY: 
To guarantee a successful and high-quality ciliary functional analysis for PCD diagnosis, a precise and careful method for respiratory epithelium sampling and processing is essential. To continue providing PCD diagnostic service during the COVID-19 pandemic, the ciliary videomicroscopy protocol has been updated to include appropriate infection control measures. 

ABSTRACT: 
Primary Ciliary Dyskinesia (PCD) is a genetic motile ciliopathy, leading to significant otosinopulmonary disease. PCD diagnosis is often missed or delayed due to challenges with different diagnostic modalities. Ciliary videomicroscopy, using Digital High-Speed Videomicroscopy (DHSV), one of the diagnostic tools for PCD, is considered the optimal method to perform ciliary functional analysis (CFA), comprising of ciliary beat frequency (CBF) and beat pattern (CBP) analysis. However, DHSV lacks standardized, published operating procedure for processing and analyzing samples. It also uses living respiratory epithelium, a significant infection control issue during the COVID-19 pandemic. To continue providing a diagnostic service during this health crisis, the ciliary videomicroscopy protocol has been adapted to include adequate infection control measures. 

Here, we describe a revised protocol for sampling and laboratory processing of ciliated respiratory samples, highlighting adaptations made to comply with COVID-19 infection control measures. Representative results of CFA from nasal brushing samples obtained from 16 healthy subjects, processed and analyzed according to this protocol, are described. We also illustrate the importance of obtaining and processing optimal quality epithelial ciliated strips, as samples not meeting quality selection criteria do now allow for CFA, potentially decreasing the diagnostic reliability and the efficiency of this technique. 

INTRODUCTION: 
Primary ciliary dyskinesia (PCD) is an inherited heterogeneous motile ciliopathy, in which respiratory cilia are stationary, slow or dyskinetic, leading to impaired mucociliary clearance and chronic oto-sino-pulmonary disease1–4. The clinical manifestations of PCD are chronic wet cough and chronic nasal congestion starting in early infancy, recurrent or chronic upper and lower respiratory tract infections leading to bronchiectasis, and recurrent or chronic otitis media and sinusitis5–7. Approximately half of PCD patients present with organ laterality defects such as situs inversus or situs ambiguus. Some patients also present with infertility issues due to immotile sperm in men and immotile cilia in the Fallopian tubes in women1,2,8. PCD is rare, but the prevalence is difficult to define, and ranges from 1:10,000 to 1:20,0009,10. However, the real prevalence of PCD is thought to be higher due to difficulties in diagnosis and a lack of clinical suspicion. Symptoms of PCD mimic common respiratory manifestations of other acute or chronic respiratory conditions, and the diagnostic challenges of confirming the diagnosis are well known, leading to inadequate treatment and follow-up2,5,9,11. 

Ciliary videomicroscopy, using Digital High-Speed Videomicroscopy (DHSV), is one of the diagnostic tools for PCD4,8,12,13. DHSV is considered the optimal method to perform ciliary functional analysis (CFA), comprising of ciliary beat frequency (CBF) and beat pattern (CBP) analysis2,14–16. DHSV uses living respiratory epithelium, usually obtained from nasal brushing13.

In view of the current COVID-19 outbreak, confirmation of a PCD diagnosis is now even more important as evidence suggests that underlying respiratory disease may lead to worse outcomes following COVID-19 infection17,18. A safe and efficient PCD diagnostic service during the current pandemic will also allow confirmed PCD patients to benefit from additional protective measures, compared with the general population19. 

Transmission of COVID-19 occurs primarily through droplet spread20. High potential of transmission from asymptomatic (or minimally symptomatic) patients is suggested by the high viral load in nose sample20. Additionally, if viral particles become aerosolized, they stay in the air for at least 3 hours21. Therefore, respiratory healthcare workers are exposed to a high reservoir of viral load while performing clinical care and sample collection for diagnostic techniques22. Furthermore, manipulation of living respiratory samples exposes the technician to COVID-19 contamination. While best-practice recommendations for respiratory physicians and ENT surgeons caring for COVID-19 patients are being implemented23, there is a lack of recommendations for performing DHSV during the COVID-19 pandemic.

In order to continue providing a PCD diagnostic service, while ensuring the safety of the healthcare worker (performing sample collection) and technician (performing sample processing), the ciliary videomicroscopy protocol had to be adapted during the COVID-19 pandemic. The technique of ciliary videomicroscopy is currently limited to research service and specialized diagnostic centers, as CFA requires extensive training and experience. Furthermore, currently, there is a lack of standardization and precise operating procedure for processing and analyzing samples using DHSV4, 13. 

The aim of this paper is to describe standard operating procedures for DHSV, with particular reference to infection control measures and safety when sampling and processing living nasal epithelium. This will allow for high-quality PCD diagnosis and care to continue, despite the current COVID-19 outbreak. 

PROTOCOL:

Approval was obtained from the Liege hospital-faculty ethics committee and the University Department for Hygiene and Health Protection at Work.

1. [bookmark: _Hlk53733140]Sampling respiratory ciliated epithelium 

1.1. Ensure that subjects are free of infection for at least 4-6 weeks, and free of nasal and inhaled medication, before sampling.

1.2. Prepare supplemented M199 preparation: Supplement Cell Culture Medium 199 (M199) (500 mL) with antibiotic solution (5 mL of streptomycin/penicillin (50 μg/mL)) and antifungal solution (5 mL of amphotericin B (2.5g/mL)).

1.3. Prepare 2 (one for each nostril) 15 mL conical tubes with lids, and fill each of them with 3 mL of supplemented M199.

1.4. Prepare a bronchial cytology brush (thickness: 2 mm and length: 11 mm). Cut the end of the wire to ensure that the brush is about 15 cm long (Figure 1A, B). To hold the brush when performing the nasal brushing, use a Weil-Blakesley nasal forceps(Figure 1B).

1.5. COVID-19 adaptation: Avoid processing a living nasal epithelium sample of unknown status for COVID-19, test the patient for COVID-19 48 to 72 hours before the nasal brushing for ciliary videomicroscopy. This COVID-19 test consists of polymerase chain reaction from a nasopharyngeal swab sample24,25. As the patient’s status for COVID-19 is unknown at this point, physician and staff members must be adequately protected23,26, including FFP2 mask, gloves, face shield or goggles, and long-sleeved water-resistant gown. In case of unavailable, impossible or doubtful PCR testing, made all processing of nasal brushing in L2 bio-safety laboratory. In case of positive COVID-19 status, postpone PCD diagnosis testing and consider alternative approaches to manage the patient.

CAUTION: This nasopharyngeal swab sampling for COVID-19 testing might induce secondary ciliary dyskinesia by damaging nasal respiratory ciliary epithelium27, 28. To avoid this, introduce a thin cotton swab into the nasal cavity up to the nasopharynx under rigid endoscopic control, avoiding hurting the turbinates or the septum. The sample is then taken from the nasopharynx and remove the cotton swab under the control of the rigid endoscope. With adequate equipment, a 0° rigid endoscopy is easily performed in adults and children without trauma. 

2. Obtaining respiratory ciliated epithelium specimens 

COVID-19 adaptation: Even if the COVID-19 status of the patient is negative, due to false-negative rate, the patient is asked to keep a surgical mask on his/her mouth during the procedure, and gloves, FFP2 mask and face shield are worn by the physician.

2.1. Nasal brushing preparation

2.1.1. Ask the patient to blow his/her nose. 

2.1.2. Perform nasal brushing under nasal endoscopy or blinded. If using a nasal endoscopy, examine the 2 nostrils prior to the nasal brushing (do not repeat if done 48-72 previously for COVID-19 nasal swab). Examination makes it possible to verify the condition of mucosa (a high degree of inflammation might cause bleeding when nasal brushing is performed, …), the condition of inferior turbinate (to exclude the presence of telangiectasia for example), and if the septum nasal is straight (Figure 1C).

2.1.3. Ask the patient to lie down, or to sit comfortably, the head resting backwards on the chair (because the nasal brushing causes a reflex to move the head back). A second carer hold the head during the nasal brushing, particularly in children. 

2.1.4. Shake the brush in the supplemented M199 prior to nasal brushing (moistening the brush reduces irritation from brushing).

NOTE: The brush might be moistened within the supplemented M199; if the patient is allergic to antibiotics (penicillin and streptomycin are present in the supplemented cell culture medium), moisten the brush in saline.

2.2. Nasal brushing

2.2.1. Gently insert the nasal brushing without local or general anesthesia13. If using nasal endoscopy, place the endoscope at the entrance of nose to visualize the inferior nasal turbinate, then insert the cytology brush in the nose. If performing a “blinded” nasal brushing, insert the brush into the nose, following the nasal floor (Figure 1D).

NOTE: Some diagnostic centers use local anesthesia with a tampon of naphazoline to perform nasal brushing. 

2.2.2. Move the brush posteriorly and anteriorly several times over the posterior part of the inferior nasal turbinate and then withdraw. The operator should feel that the brush rubs the epithelium, and the patient might feel unilateral watery eye on the side of the brushing.

NOTE: If the nasal brushing is performed too anteriorly, no ciliated cells will be obtained, as the anterior nasal cavity is lined with a transitional non-ciliated epithelium. 

2.2.3. After sampling, immediately place nasal brushing specimens within the culture medium. Respiratory epithelial strips obtained are dislodged by agitating the brush in the tube containing the supplemented M199, then close the tube (Figure 1E).

2.2.4. COVID-19 adaptation: Do not dislodge epithelial strips by agitating the brush in the supplemented M199 immediately after sampling. Place the brush in the tube, cut the wire so that it can fit completely inside the tube, and close the tube immediately. Place the sample in an airtight double bag.

(Place Figure 1 here)

3. Respiratory ciliated epithelium processing

3.1. Analyze nasal brushing samples under microscope within 9 hours post-sampling, as both CBF and CBP are stable within this time frame (unpublished data).

3.2. Use an upright or an inverted light microscope, with a x100 oil-immersion phase-contrast or an interference contrast lens. Ideally, place the microscope on an anti-vibration table because ciliary beating may be subject to artifacts due to external vibrations (e.g. from the laboratory bench)13. 

COVID-19 adaptation: The operator uses personal protective equipment to perform nasal processing, including FFP2 mask, gloves, and long-sleeved water-resistant gown. 

3.3. Prepare the visualization chamber. 

3.3.1. Suspend the ciliated epithelial strips in a lab-built open visualization chamber, allowing cilia to beat freely while being analyzed under the microscope. This chamber is created by the separation of a cover slip (22 mm x 40 mm) and a glass slide by two adjacent square cover slips (20 mm x 20 mm), separated by a distance of 15 mm, and glued on the glass slide12 (Figure 2, 4A).

COVID-19 adaptation: The lab-built chamber described above is open, and allows gas and humidity exchange between the sample and the environment13. In the context of the COVID-19 pandemic, it is possible to use a closed visualization chamber using a double-sided stuck spacer, 0.25 mm depth (Figure 3, 4B). The spacer is stuck on the glass slide, and then a cover slip (22 mm x 40 mm) is stuck on top of the spacer. 

(Place Figure 2, 3 and 4 here)

3.4. Control of temperature

3.4.1. Surround the microscope with bubble wrap (Figure 5A, B). 

3.4.2. Attach the lens heater around the objective using a Velcro strap (Figure 5C)

3.4.3. Turn on the lens heater controller 1 hour before performing the control temperature check. 

3.4.4. Turn on the microscope and check that the microscope set up is done, as the amount of the light through the sample can change the temperature on the slide. 

3.4.5. Turn on the heated box controller (Figure 5D).

(Place Figure 5 here)

3.4.6. Check that the reference probe functions properly before starting. Hold the reference probe tip between fingers; it should measure the body temperature. 

3.4.7. Put free media into the middle of the slide, between the two adjacent square cover slips (20 mm x 20 mm) glued on it. 

3.4.8. Place the reference probe tip in the supplemented M199. Cover with a rectangular coverslip (22 mm x 40 mm). Be sure that the probe is completely surrounded by media (otherwise the temperature could drop).

3.4.9. COVID-19 adaptation: To perform the temperature control in the closed chamber using a spacer, cut one side of the spacer (this hole must be the same size as the reference probe). Stick the spacer onto the glass slide, place free media in the middle of the spacer. Place the tip of the reference probe into the solution, through the hole of the spacer, then stick a rectangular coverslip (22 mm x 40 mm) on the spacer. 

3.4.10. Place the slide in the plate of the heated box. Close the heated box with the lid.

3.4.11. Add oil on the oil-immersion objective. 

3.4.12. Place the heated box on the microscope stage.

3.4.13. Adjust the temperature of the plate and the lid (the temperature of the lid should be 2 °C higher than the temperature of the plate to avoid condensation) to measure 37 °C with the reference probe within the medium. 

3.4.14. Wait 5 minutes (time required to raise the temperature of the sample to 37 °C).

3.4.15. Adjust the objective, moving it closer to the slide until touching the coverslip with the tip of the lens.

3.4.16. Move the objective in order to see the middle of the probe in the microscope. 

NOTE: Be sure that the probe is seen on the computer screen (in order to check that the camera system works before looking at the ciliated sample). When viewing the middle of the probe, the screen is completely black.

3.4.17. Adjust the temperature of the lens heater (to compensate for the loss of temperature when the oil-immersion lens is in contact with the coverslip). Be sure to measure 37 °C with the reference probe within the medium when the objective touches the cover slip.

NOTE: Ideally, work in a room with a controlled temperature, so that these temperatures set up do not change. If the temperature of the room is not controlled, you should perform this temperature control check every day before performing ciliary videomicroscopy. 

3.4.18. After checking the temperature, remove the slide from the heated box. 

3.4.19. Clean the slide and the tip of reference probe with alcohol and put away. 

3.4.20. Clean the lens with isopropanol and lens cleaning tissues with circular motions. 

4. Preparation of the respiratory ciliated epithelial samples 

4.1. Shake the tube gently to allow cilia to spread out throughout the tube (to avoid cilia to be stuck on other ciliated strips, mucus or debris, which prevent them from beating freely). 

NOTE: This step is essential to obtain “optimal edges” of ciliated epithelium (Figure 12).

4.2. Withdraw approximately 50 L of ciliated epithelium in supplemented M199 at the middle of the tube with a pipette. 

4.3. Put the sample on the lab-built chamber (between the two adjacent square cover slips (20 mm x 20 mm)) and cover with a rectangular coverslip (22 mm x 40 mm). Be careful not to add bubbles. 

4.4. COVID-19 adaptation: Carry out steps 4.1-4.3 in a microbiological safety cabinet. Procedure in the microbiological safety cabinet.

4.4.1. Switch on the microbiological safety cabinet 10 minutes before preparing the sample (to make sure that the environment is sterile).

4.4.2. Before any handling, disinfect the entire microbiological safety cabinet with 70% ethanol.

4.4.3. Disinfect all necessary material with 70% ethanol before placing in the microbiological safety cabinet.

4.4.4. Open the 15 mL conical tubes containing the samples only once under the microbiological safety cabinet, then dislodge epithelial strips by agitating the brush (using Weil-Blakesley nasal forceps) in supplemented M199. 

4.4.5. Stick the spacer on the glass slide and remove the protection from the double-sided stuck spacer.

4.4.6. Shake the tube gently to allow cilia to spread out throughout the tube.

4.4.7. Withdraw a small sample of ciliated epithelium in supplemented M199 from the middle of the tube with a pipette (approximately 60 L) and fill the spacer.

4.4.8. Stick the rectangular coverslip (22 mm x 40 mm) on the spacer to close the chamber.

4.4.9. Disinfect the slide before getting out of the microbiological safety cabinet.

4.4.10. Remove the slide from the microbiological safety cabinet.

4.4.11. Change gloves when exiting the microbiological safety cabinet.

4.4.12. Wait 10 minutes before turning off the microbiological safety cabinet after use (to make sure that the environment of the microbiological safety cabinet is sterile before closing the door).

4.5. Place the slide in the plate of the heated box. Close the heated box with the lid.

4.6. Add oil on the oil-immersion objective.

4.7. Place the heated box on the stage of the microscope.

4.8. Turn on the heated box and the lens heater.

NOTE: The lens heater must be turned on 1 hour before use.

4.9. Adjust the temperature settings of the heated box and the lens heater controllers according to values obtained at step 3.4. 

4.10.  Wait 5 minutes (time required to rise the temperature of the sample up to 37 °C when using predetermined settings for both the heated box and the objective heater).

4.11. Approach the objective to the slide until touching the coverslip with the tip of the lens.

5. Visualizing respiratory ciliated edges

5.1. Fix the high-speed video camera onto the microscope, connect the camera to the computer, and turn on the camera.

5.2. Turn on the computer.

5.3. Connect the digital high speed videomicroscopy camera to the computer (so that the image viewed through the ocular lenses is projected onto the monitor) via the software.

5.3.1. Open the software, and then Main Menu opens automatically (Figure 6A).

NOTE: The software is the program used in the laboratory for image acquisition and processing. The system allows video sequences to be recorded and played back at a reduced frame rate or frame by frame. It can be downloaded for free. 

5.3.2. Open Camera (Figure 6A).

5.3.3. When Camera enumeration filter appears, choose OK (Figure 6B).

5.3.4. Select Refresh List; select the name of the camera; choose the Interface: Expert, then select Open (Figure 6C).

5.3.5. On the camera control-line at the top of the docked dialog menu, select Live (Figure 6D).

5.3.6. Choose Play to view the image and Stop to finish viewing (Figure 6D).

(Place Figure 6 here)

5.4. Adjust the camera acquisition setting (in the top right corner) (Figure 7).

5.4.1. On Acquisition Settings choose Camera, then adjust the frame rate: Rate (Hz): 500 (see below) (Figure 7A).

5.4.2. On Acquisition Settings choose Camera, then adjust the region of interest (ROI) (Figure 7A).

NOTE: The ROI is calculated using a graduated scale viewed with the x100 oil-immersion objective and projected onto the monitor, to define the number of pixels corresponding to 50 µm (as you want to record ciliated edges measuring approximately 50 µm (see below)). 

5.4.3. On Acquisition Settings choose Record, then adjust the duration of the video and the total number of frames recorded (a 2 seconds duration, corresponds to 1000 frames if the frame rate chosen is 5OO Hz) (Figure 7B).

NOTE: In our experience, a minimum of 2 seconds video length is necessary to allow a complete analysis of both CBF and CBP.

5.4.4. Choose File then Save Camera Cfg to save the new acquisition setting (enter a name and if necessary a comment for this new configuration) (Figure 7C, D).

5.4.5. To open this new camera configuration, open File and Load Camera Cfg (Figure 7C).

(Place Figure 7 here)

5.5. View through ocular lenses and search for cells or debris within the sample, then focus.

5.6. Check that the image is visible on the monitor, and improve the quality of the image by adjusting the condenser, (and the DIC prism if using an interference contrast lens), and adjust the focus if necessary.

5.7. Search for strips of ciliated epithelium. 

6. Respiratory ciliated edges selection

NOTE: The experimental system allows beating cilia to be viewed in three distinct planes: a sideways profile, beating directly towards the observer, and from directly above (Figure 8).

(Place Figure 8 here)

6.1. Record only intact undisrupted ciliated epithelial edges that measure at least 50 m in length.

6.2. For records made on the sideways profile, determine the quality of the edge according to Thomas et al.29 scoring system (Figure 9). Use only normal edges (Figure 9A) or edges with minor projections (Figure 9B) for ciliary functional analysis. Exclude isolated cells (Figure 9E).

(Place Figure 9 here)

6.3.  Perform CFA using only cilia free of mucus and debris, and beating in the profile chosen for the recorded edge. Select only ciliated edges that allow a minimum of 2 CBF and CBP evaluation (see below) along the edge.

6.4. Use for CFA only samples that yield a minimum of 6 edges beating in the sideways profile and meeting the above criteria; analyze a maximum of 20 edges in the sideways profile.

6.5.  Use a minimum of 1 additional edge of cilia beating from above the observer profile to characterize the CBP. 

7. Recording ciliated edge

7.1. Record the beating cilia edge using a camera frame rate of 500 frames per second, and project onto a high-resolution monitor. A minimum frame rate of 400 Hz is required to allow the analysis of both CBF and CBP13. Record one edge at a frame rate of 30 frames per second to evaluate the efficiency of particulate clearance. 

7.2. Select Live, on the camera control-line at the top of the docked dialog menu (Figure 6D)

7.3. Choose Play to view the image and Stop to finish viewing (Figure 6D)

7.4. To record an edge, press Record (Figure 6D). To view the recording before saving, go on camera control-line at the top of the docked dialog menu and select Playback. Choose Play to view the video recorded and Stop to finish viewing (Figure 10A).

NOTE: Stop viewing the recorded edge before saving.

(Place Figure 10 here)

7.5. Save the video in the database (Figure 10B, C).

7.5.1.  Open File in the top left corner, then save acquisitions (Figure 10B).

7.5.2.  In Save acquisitions, enter the name of the recorded video and make sure that the recording is saved as a RAW file type format (Figure 10C).

7.6. When the video is saved, return to the live mode (go back to the camera control-line at the top of the docked dialog menu and select live) (Figure 6D).

7.7. Repeat the procedure to record the number of edges meeting the selection criteria required for CFA. 

NOTE: It is possible to record several beating ciliated edges meeting the selection criteria from one slide, within a maximum of 20 minutes after the preparation of the slide (to avoid desiccation). After 20 minutes, if it is not possible to obtain an edge meeting the selection criteria, prepare a new a slide. 

7.8. Remove the slide from the heated box.

7.9. Remove the rectangular coverslip and throw it in the specific hazardous medical waste container.

7.10. Clean the slide (with the two squared cover slips glued on it) with 70% isopropanol and absorbent paper. Once the slide is clean, it can be used again. 

7.11. COVID-19 adaptation: Place the slide with the coverslip and spacer in an airtight bag, remove gloves and mask and place them in the airtight bag. Place the airtight bag in the specific hazardous medical waste container. 

8. Ciliary functional analysis

8.1. Preliminary preparation to perform the manual CBF and CBP evaluation 

8.1.1. Open the software. 

8.1.2. Open File in the top left corner, then Open and then Images (Figure 10D).

8.1.3. Choose the video to analyze.

8.1.4. Go on camera control-line at the top of the docked dialog menu and select Playback (Figure 10A). Choose Play to view the video recorded and Stop to finish viewing. 

8.2. Manual ciliary beat frequency (CBF) analysis

8.2.1. Perform the evaluation of CBF using the sideways edges only. 

8.2.2. Divide the ciliated edges into approximatively 5 adjacent areas, each measuring approximatively 10 m (Figure 11).

(Place Figure 11 here)

8.2.3. Identify and visualize cilia or groups of cilia at a reduced frame rate, and a maximum of 2 CBF measurements are made in each area, resulting in a maximum of 10 CBF measurements along each edge (Figure 11).

8.2.4. Record the number of frames required for a group of cilia to complete 5 beat cycles. 

8.2.5. Convert to CBF by a simple calculation: (CBF= recording frame rate (Hz)/(number of frames for 5 beats) x 5)13, 16, 30. Immotile cilia are reported as having a CBF of 0 Hz13.

NOTE: Adjust the frame rate when playing back the recorded videos (Figure 10A). This is especially useful when the cilia analyzed beat very slowly. Increasing the frame rate helps to define if the cilia beat very slowly or are immotile.

8.2.6. For each sample, calculate the mean CBF as the mean (SD) or (95% CI) of all CBF recorded in the sideways profile, including static cilia. 

8.3. Manual ciliary beat pattern (CBP) analysis

8.3.1. To evaluate the markers of dyskinesia, use the sideway profile only; use the planes towards the observer and from above to characterize the type of CBP13. Different methods and scores for CBP evaluation exist. Below is described the method used in the laboratory with the definition of the markers of dyskinesia.

8.3.2. The percentage of each distinct CBP within the sample

8.3.2.1. For each cilia or group of cilia identified and used for a CBF measurement (Figure 11), perform a CBP analysis at a reduced frame rate: compare the precise path taken by the cilia during a full beat cycle with the normal CBP observed on the DHSV analysis12, 30. 

8.3.2.2. Attribute a distinct CBP (normal, immotile, stiff, circular, asynchronous (uncoordinated ciliary beating) or dyskinetic13) to each cilia or group of cilia analyzed. 

8.3.2.3. For each sample, calculate the percentage of each distinct CBP within the sample; the CBP attributed to the sample is the predominant CBP observed.

8.3.3. Calculate the 3 markers of dyskinesia.

8.3.3.1. Calculate the immotility index (IMI): the percentage of immotile cilia within the sample (number of CBF=0/total number of CBF readings in the sample X 100). Express the IMI as mean (SD) or (95% CI)1,16,31.

8.3.3.2. Calculate the dyskinesia score (DKS). Divide each ciliated edge into quadrants, and the number of quadrants with dyskinetic (or abnormally beating) cilia is determined. This allows a DKS between 0 and 4 to be calculated (0: normal CBP throughout the edge; 1: abnormal CBP in ≤ 25% of cilia; 2: abnormal CBP in ≤ 50% of cilia; 3: abnormal beat pattern in ≤ 75% of cilia; and 4: abnormal CBP in all cilia). The median DKS (interquartile range) is calculated for the sample16, 29.

8.3.3.3. Calculate the percentage of normal beating: defined as the percentage of cilia with a normal CBP within the sample (number of normal CBP readings/total number of CBP readings for the sample x100).

REPRESENTATIVE RESULTS: 
To illustrate the efficiency of the technique, we present the results of the CFA in a series of 16 healthy adult volunteers (5 males, age range 22-54 years). 

Nasal brushing samples from 14 (4 males, age range 24-54 years) out of the total of 16 volunteers provided enough appropriate epithelial edges that satisfied the selection criteria needed to perform CFA. From these 14 nasal brushing samples, a total of 242 ciliated edges were recorded, and 212 edges met the defined inclusion criteria and were analyzed. All these edges were recorded in the sideways profile (cilia beating from above the observer were recorded and analyzed for each volunteer to assess if a circular CBP was observed13, but these edges were not included for the CFA). A total of 807 CBF measurements and CBP evaluation were obtained from the cilia or groups of cilia analyzed (Table 1). The detailed results of CFA ​​for each healthy subject are presented in Table 1.

The mean CBF ( standard deviation) for the 14 subjects whose samples met the inclusion criteria was 14.79 ( 2.17) Hz. This agrees with previous published reference data in laboratories performing DHSV at a controlled temperature of 37 °C16,29,30, while CBF measurements in laboratories performing DHSV at room temperature are lower15,32,33. The mean ( standard deviation) percentage of normal CBP for the healthy subjects was 78.82 ( 14.73) %, and for each of these healthy subjects, the predominant beat pattern was normal. No cilia were found to beat in a circular beat pattern in the healthy subjects, as reported previously16,34. 

The mean IMI ( standard deviation) was 2.27 ( 2.3) % and the median DSK (interquartile range) was 0 (0-1). These values were similar to previous publication concerning healthy voluteers16,29. It is interesting to note that the DSK and the CBF were similar to the values reported by Thomas et al from the analysis obtained when selecting only normal edges or edges with minor projection (Figure 9), reflecting the importance to analyze only edges that meet the inclusion criteria29. If using low quality edges, they reported a lower CBF, and a higher DKS29. This illustrates that using epithelial edges that do not meet the selection criteria might incorrectly lead to a PCD diagnosis. 
Therefore, to be used as a PCD diagnostic tool, CFA from nasal brushing samples should be performed using optimal quality epithelial strips (Figure 12A), obtained by an optimal processing of nasal brushing samples, and an optimal edge selection. As reported in the protocol, only intact undisrupted ciliated epithelial edges at least 50 m in length should be used, and CFA should be performed using only cilia free of mucus and debris. In the sideways profile, beating edges allowing less than 2 evaluation of CBF and CBP should be excluded. 

Furthermore, red blood cell and mucus can block free cilia beating, or hide cilia from the observer (Figure 12B). The amount of mucus can be limited by asking the patient to blow his/her nose before nasal brushing, and to avoid performing nasal brushing during acute nasal inflammation (inflammation increases the amount of mucus, and the risk of bleeding while nasal brushing). Moreover, nasal brushing must be gentle to limit slight bleeding and thus the amount of red blood cells. But, on the other hand, if the brush does not press firmly against the inferior nasal turbinate, the nasal brushing sample might not contain enough high quality ciliated epithelial strips (Figure 12C, D). 

Finally, if the nasal brushing is performed on the anterior part of the nasal cavity, no ciliated cells will be obtained, as this part of the nose is lined with a transitional non-ciliated epithelium (Figure 12E). Therefore, the quality of the nasal brushing sample is important to yield a minimum of 6 edges of cilia beating in the sideways profile (and 1 edge of cilia beating from above) meeting the inclusion criteria. 

Out of the 16 healthy volunteers, 2 nasal brushing samples were excluded for CFA. One subject was excluded because the sample could not provide the required number of ciliated edges meeting the inclusion criteria, with mainly isolated cells found within the sample (Figure 12D). The second subject was excluded because all the epithelial edges recorded (n=7) were non-ciliated (Figure 12E), suggesting that the nasal brushing was too anterior, and not properly performed on the inferior turbinate. This conclusion was drawn because the subject was a healthy volunteer. Repeated nasal brushing samples that yield only non-ciliated epithelial edges in a patient with a suspicion of PCD might lead to a diagnosis of a reduced generation of multiple motile cilia (RGMC), a mucociliary clearance disorder caused by failure in ciliogenesis3,35,36.

Due to the COVID-19 pandemic, the diagnostic center at the University of Liège had to adapt the ciliary videomicroscopy protocol. Prior to the pandemic, we used an open visualization chamber allowing gas and humidity exchange between the sample and the environment. As this could potentially lead to contamination of the operator and/or the environment, we switched to a closed visualization chamber, and the hermeticity of this chamber for gas and liquid was tested. Figure 13 shows the seal test of the closed visualization chamber using a double-sided stuck spacer. The hermeticity was tested by filling the chamber with 60 L of Trypan blue and air, then immersing the chamber in water during 4 hours. As we did not observe Trypan blue leak or air bubbles within the water during 4 hours, we concluded that the chamber was hermetically sealed for both liquid and gas. The use of this closed visualization chamber to perform ciliary videomicroscopy during the pandemic has been approved by the Department for Hygiene and Health Protection at Work of the University of Liege. 

FIGURE AND TABLE LEGENDS: 
Table 1: Representative results of the number of edges recorded and analyzed, the number of CBF measurements obtained, and the values ​​of CBF, percentage of normal CBP, IMI, DSK in 14 healthy subjects, following this protocol.
CBF = ciliary beat frequency, CBP = ciliary beat pattern, IMI = immotility index and DSK = dyskinesia score. 

Figure 1: Nasal brushing technique (A) Entire bronchial cytology brush (B) Ready-to- brush: the brushing end of the wire is cut (about 15 cm long) and held by a Weil-Blakesley nasal forceps(C) Endoscopic view of the nasal cavity: septum (1) inferior turbinate (2) and middle turbinate (3) (D) Nasal brushing is performed on the posterior part of the inferior turbinate (2). Nasal septum (1) Middle turbinate (3). (E) The respiratory epithelial strips are dislodged by shaking the brush in the supplemented M199 cell culture medium.

Figure 2: Mounting of the lab-built open chamber (A) The 2 square coverslips (20 mm x 20 mm) are placed on the glass slide. (B) The square cover slips are separated by a distance of about 15 mm, and glued on the glass slide. (C) The chamber is filled between the two adjacent square cover slips with a small sample (approximately 60 L) of ciliated epithelium in supplemented M199. (D) A long rectangular coverslip (22 mm x 40 mm) is placed on the two adjacent square cover slips, and covers the chamber.

Figure 3: Mounting of the closed chamber using a double-sided stuck spacer (A) The glass slide and the double-side stuck spacer. (B) The protection is removed on one side of the spacer, and the spacer is then stuck on the glass slide. (C) The protection is removed from the other side of the double-sided stuck spacer, and then the spacer is filled with a small sample (approximately 60 L) of ciliated epithelium in supplemented M199. (D) A long rectangular coverslip (22 mm x 40 mm) is stuck on the spacer, and closes the chamber.

Figure 4: Schematic diagram showing the main visualization chambers used to perform ciliary videomicroscopy using digital high‐speed videomicroscopy (DHSV) (A) The open hanging drop technique: the ciliated sample is suspended in a drop of cell culture medium in an open chamber created by the separation of a coverslip and a glass slide by two adjacent coverslips. (B) The closed hanging drop technique: the ciliated sample is suspended in a drop of cell culture medium in a closed chamber created by a spacer sandwiched between a glass side and a cover slip. The spacer sticks firmly on both the glass slide and the cover slip. Reproduced and modified from Kempeneers et al.13. 

Figure 5: Equipment used in the DHSV laboratory (A) The microscope equipped with a 100x oil-immersion phase-contrast lens, is placed on an anti-vibration table to avoid that external vibrations cause artifacts for ciliary functional analysis (B) The microscope is surrounded by bubble wrap to prevent heat loss from ambient air. (C) The oil immersion objective creates heat loss. this can be prevented using a lens heater (arrows). (D) The sample is heated using a heating box.

Figure 6: Description of the use of the software: visualization of respiratory ciliated edges onto the monitor (A) The Main Menu appears directly when opening the software. (B) Close the Camera Enumeration Filter. (C) Choose the camera and select Interface: Expert. (D) The live mode allows to visualize on the monitor the image seen through the microscope. 

Figure 7: Description of the use of the software: adjustment of the camera acquisition settings for video recording of the beating ciliated edges. (A) On the acquisition setting Camera, adjust the region of interest (ROI) and frame rate for video recording (Rate). (B) On the acquisition setting Record, adjust the duration of the video recording (number of frames needed for the chosen recording duration, according to the frame rate chosen previously). (C) This new camera configuration settings can be saved using the Save camera Cfg function. Load Camera Cfg allows to reopen the saved configuration settings for further used. (D) The new camera configuration settings can be named, and a comment can be added if necessary. 

Figure 8: The DHSV technique allows beating cilia to be viewed in three distinct planes: (A) in the sideways profile. (B) beating directly towards the observer and. (C) from directly above. Reproduced from Kempeneers et al.16.

Figure 9: Representative image of the scoring system by Thomas et al29 for the different quality of ciliated epithelial edges: (A) Normal edge: defined as an intact uniform ciliated epithelia strip > 50 m in length (B) Ciliated edge with minor projections: defined as an edge >50 m in length, with cells projecting out of the epithelial edge line, but with no point of the apical cell membrane projecting above the tips of the cilia on the adjacent cells (C) Ciliated edge with major projections: defined as an edge >50 m in length, with cells projecting out of the epithelial edge line, with at least one point of the apical cell membrane projecting above the tips of the cilia on the adjacent cells (D) Isolated ciliated cell: defined as the only ciliated cell on an epithelial edge >50 m in length (E) Single cells: defined as ciliated cells that have no contact between themselves or any other cell type. Scale bar: 5.5 m. Reproduced from Thomas et al.29 

Figure 10: Description of the use of the software: (A) playback mode. To review a recorded video sequence of beating ciliated edge, choose the Playback Mode. Choose Play to view the image and Stop to finish viewing. The fame rate can be adjusted to improve the analysis of ciliary function (B, C) Saving the video recordings of beating ciliated edges (B) To save the video, choose File then Save Acquisitions. (C) Enter the name of the recorded video and choose the emplacement where the video is recorded. Make sure that the recording is saved as a .RAW file (D) choice of a recording of beating ciliated edges to be analyzed: To open a video recording, choose File, then Open, then Images.

Figure 11: Representative image of an optimal quality edge, and the division into 5 areas to allow CFA analysis. An optimal quality ciliated epithelial edge is fragmented into 5 adjacent areas each measuring 10 m. A maximum of 2 CBF measurements (and 2 CBP evaluation) are made in each area, resulting in a maximum of 10 CBF measurements (and CBP evaluations) along each edge. Scale bar = 20 μm.

Figure 12: Figure illustrating the complexity of nasal brushing. (A) “Optimal quality epithelial strip”: intact uniform ciliated epithelia strip > 50 m in length, allowing more than 2 cilia or group of cilia to be used for CBF and CBP evaluation (i.e., cilia beating freely in the sideways profile, without being stuck in mucus or debris). (B) Image representing a large amount of cells and mucus stuck above a ciliated epithelial strip, preventing cilia to beat freely, and hiding cilia from the observer. (C) The quality of the edge recorded is insufficient, as it is an edge with major projection29. (D) Single ciliated cell, which cannot be used for ciliary functional analysis. (E) The nasal brushing has been performed on the anterior part of the nasal cavity, lined with a transitional non-ciliated epithelium. Therefore, no ciliated cells were obtained. Scale bar = 20 μm. 

Figure 13: Seal test of spacer with gas and Trypan Blue solution. The hermeticity of spacer was tested by filling the chamber with 60 L of trypan blue and air, then immersing the chamber in water for 4 hours. As we did not observe trypan blue leak or air bubbles within the water during the 4 hours, we concluded that the chamber was hermetic for both gas and liquid.

DISCUSSION:
This paper aims to provide a standard operating procedure for CFA using nasal brushing samples, with adjustments made for appropriate infection control considerations during the COVID-19 pandemic. PCD diagnosis is challenging, and currently requires a panel of different diagnostic tests, according to international recommendation, including nasal nitric oxide measurement, CFA using DHSV, ciliary ultrastructural analysis using transmission electron microscopy (TEM), labelling of ciliary proteins using immunofluorescence, and genetic testing for PCD causing genes4,37. Currently, no single test will diagnose every patient with PCD4,37. According to the European Respiratory society guidelines, only hallmark ultrastructural defects by TEM and bi-allelic mutations in PCD causing genes can confirm a PCD diagnosis. Unfortunately, these test have a 15-30% rate of false negative results4,37–39. DHSV has the advantage of having a higher sensitivity and specificity for PCD diagnosis (0.95-1.00 and 0.91-0.96, respectively)31,38,40,41, but recent international recommendations stated that currently, DHSV is not sufficiently standardized to confirm a PCD diagnosis4,37. Indeed, there is a lack of precise operating procedure for ciliated sample preparation and processing, a lack of standardized CFA method and normative functional analysis data for the interpretation of ciliary function4,8,13,16,34,38,40. This paper proposes a protocol used in the center for obtaining and processing respiratory ciliated epithelial samples, and for ciliary functional evaluation. As there is currently no international consensus for a DHSV protocol, some steps of the process may vary between centers. Variation in factors such as temperature during ciliary videomicroscopy, medium used, and quality of epithelial edges analyzed may all influence ciliary function13. 

Variation in the temperature set up during DHSV analysis does exist between centers, with some advocating DHSV be performed at room temperature13. We advocate sample analysis be done at 37 °C. This increases the complexity of the set up, but a PCD diagnosis may be missed if CBP analysis is performed under 37 °C. Jackson et al. reported a temperature‐sensitive variant of PCD, presenting with a normal coordinated beat pattern when cilia were observed at room temperature, but an abnormal hyperfrequent and dyskinetic pattern at 37 °C42. Furthermore, it has been well described that CBF varies with temperature, with a sigmoidal relationship43,44, so that CBF reference data differ according to the temperature used to perform DHSV.

Furthermore, there is currently a lack of standardization in the manual and/or computer assisted method for CBF and CBP evaluation13. In this paper, we propose the manual CBF and CBP evaluation technique used in our laboratory. 

As manual processing of DHSV data involves some subjectivity and is time consuming, a variety of software applications have been developed for CBF and CBP assessment, using different semi-automated (involving the selection of specific regions of interest (ROIs) to examine) or fully-automated programs34,45,46 (analyzing the entire captured image). All programs use the variation in light intensity in the pixels of the recorded video images over time to calculate CBF. However, most programs involve the manual or automated exclusion of specific data to reduce noise: areas of stasis, areas where CBF or ciliary beat amplitude (CBA) fall under the particular threshold values. A comparison between the manual and automated CBF evaluation has only been published for one program45, and showed no significant difference (paired t-test , p=0,64). Recent results on 75 PCD patients showed no significant difference between CBF evaluation obtained by Fast Fourier transformation (FFT) and kymography47. Different computer-assisted softwares for CBP analysis have been developed48–50, mostly involving the evaluation of CBP in limited ROIs, but currently, none are commercially available48. 

To our knowledge, this is the first published standard operating procedure for CFA using DHSV. CFA using fresh nasal brushing samples does have some limitations; most of which can be over-come by performing a re-analysis of ciliary function after culturing respiratory ciliated cells. First, infection, inflammation, or damage during sampling may lead to secondary ciliary functional abnormalities. The culture of respiratory ciliated cells may improve the accuracy of DHSV, particularly to rule out false positive results27. Second, as PCD patients present with chronic respiratory inflammation and infection, culturing ciliated epithelium might be necessary, as finding a 4-6 weeks gap free of infection to perform a nasal brushing procedure may be difficult. Third, the quality of the nasal brushing sample might not be sufficient to provide the required number of high-quality edges, particularly in young children. Culturing the samples might help to overcome this issue. Finally, CFA may be difficult if the sample contains numerous cell debris or a high load of mucus; this can also be solved if CFA is performed after cell culture. Furthermore, extensive staff training in experienced centers is critical, as detection of CBP abnormalities remains strongly dependent on the experience of the investigator4,13. The development and validation of automated CBP evaluation software will potentially improve this user dependent variability and widen the use of DHSV for PCD diagnostic purposes. 

The results also demonstrate the importance of nasal brushing technique to allow effective CFA. Careful nasal brushing technique increases the ability to obtain optimal quality epithelial ciliated strips. In particular, nose blowing before the procedure limits mucus, performing gentle brushing reduces red blood cells and correct placement of the brush increases the success rate of obtaining ciliated epithelium as brushing the anterior part of the nasal cavity brings back non-ciliated epithelium.

Due to the COVID-19 pandemic health crisis, infection control considerations have led us to adapt many aspects of the ciliary videomicroscopy protocols. Prior to the pandemic, we used an open lab-built chamber. Advantages of this chamber include its ease and quickness to prepare and use, cost and the ability to re-use after cleaning. There are some important caveats, however. The amount of medium is important: ciliated strips need to be well hydrated to beat properly, but too much media will spill out of the open chamber and mix with the oil, preventing a good image. Furthermore, the specimens need to be observed within a maximum of 20 minutes, to avoid desiccation. This can potentially be overcome if additional M199 medium is added using a syringe directly under the coverslip. In the context of the COVID-19 pandemic, the major problem of the open chamber is that it allows gas and humidity exchange between the preparation and the environment13. There is a potential risk of laboratory and operator contamination if the sample is infected by COVID-19. We identified a closed visualization chamber using a spacer, and demonstrated its effectiveness. We have amended the protocol, from nasal brushing through to slide preparation and analysis, to account for stringent infection control measures aimed at preventing COVID-19 transmission. These adaptations have allowed us to continue providing a PCD diagnostic service, without using a Level 2 bio-safe laboratory. Given the uncertain length of this current health crisis, and the importance of continuing to provide essential PCD diagnostic services such as DHSV, the adaptations proposed in this paper make it possible to carry out CFA without utilizing L2 bio-safety laboratory resources, mandatory for other essential activities during this health crisis. 
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