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SUMMARY:
SEM analysis is an effective method to aid in species identification or phenotypic discrimination. This protocol describes the methods for examining specific morphological details of three representative types of organisms and would be broadly applicable to examining features of many organismal and tissue types.

ABSTRACT: 
Scanning electron microscopy (SEM) is a widely available technique that has been applied to study biological specimens ranging from individual proteins to cells, tissues, organelles, and even whole organisms. This protocol focuses on two chemical drying methods, hexamethyldisilazane (HMDS) and t-butyl alcohol (TBA), and their application to imaging of both prokaryotic and eukaryotic organisms using SEM. In this article, we describe how to fix, wash, dehydrate, dry, mount, sputter coat, and image three types of organisms: cyanobacteria (Toxifilum mysidocida, Golenkina sp., and an unknown sp.), two euglenoids from the genus Monomorphina (M. aenigmatica and M. pseudopyrum), and the fruit fly (Drosophila melanogaster). The purpose of this protocol is to describe a fast, inexpensive, and simple method to obtain detailed information about the structure, size, and surface characteristics of specimens that can be broadly applied to a large range of organisms for morphological assessment. Successful completion of this protocol will allow others to use SEM to visualize samples by applying these techniques to their system. 

INTRODUCTION: 
A scanning electron microscope (SEM) uses a focused beam of high-energy electrons to generate an image from secondary electrons that shows the morphology and topography of a sample1. SEM can be used to directly determine the physical size of a sample, the surface structure, and the three-dimensional shape, and offers greater resolution and larger depth of field compared to light microscopy. Another form of electron microscopy (EM), transmission electron microscopy (TEM) uses focused electrons that pass through the sample, generating images with fine details of internal structure. While TEM has higher resolution than light or SEM and can be used to resolve structures as small as single atoms, it has three major disadvantages: extensive sample preparation, a small field of view, and a shallow depth of field2,3. Although other visualized protocols exist using SEM to examine specific cells, organelles, or tissues4-10 , this protocol is unique in that we describe methods that can be broadly applied to a large range of organisms for morphological assessment.

SEM has found broad applications for examining inorganic materials including nanoparticles11,12, polymers13, and numerous applications in geological, industrial, and material sciences14-16. In biology, SEM has long been used as a method for examining biological samples ranging from individual proteins to whole organisms17,18. SEM is of particular value because morphological surface details can be used to inform scientific discovery. SEM analysis is a fast, inexpensive, and simple method to obtain detailed information about the structure, size, and surface characteristics of a wide range of biological samples.

Because an SEM normally operates under high vacuum (10-6 Torr minimum) to support a coherent beam of high-speed electrons, no liquids (water, oils, alcohols) are permitted in the sample chamber, as liquids prevent a vacuum from forming. Thus, all samples examined using SEM must be dehydrated, typically using a graded ethanol series followed by a drying process to remove the ethanol. There are several methods of drying biological tissues for use in the SEM, including air drying, lyophilization, use of a critical point drying (CPD) device, or chemical drying using t-butyl alcohol (TBA) or hexamethyldisilazane (HMDS)19-22. Most often, selection of a drying method is empirical since each biological sample may react differently to each drying method. For any given sample, all of these methods may be appropriate, so comparing the advantages and disadvantages of each is useful in selecting the appropriate method.

While air drying a sample at room temperature or in a drying oven (60 °C) is the simplest method, most biological samples show drying-induced damage such as shriveling and collapse, resulting in distortion of the specimen. The process of lyophilization also removes water (or ice) from a sample, but requires samples to be flash-frozen and placed under vacuum to remove the ice via the process of sublimation, potentially damaging the sample. In addition, the user must have access to a lyophilizer. The most commonly used method for dehydrating samples for SEM is critical point drying (CPD). In CPD, the ethanol in a sample is replaced with liquid carbon dioxide (CO2) and, under specific temperature and pressure conditions known as the critical point (31.1 °C and 1,073 psi), CO2 vaporizes without creating surface tension, thereby effectively maintaining the morphological and structural features of the sample. While CPD is generally the standard method, it has several drawbacks. First, the process requires access to a critical point dryer, which is not only expensive, but also necessitates the use of liquid carbon dioxide. Second, the size of the sample that can be dried is limited to the chamber size of the critical point dryer. Third, the exchange of liquids during CPD can cause turbulence that can damage the sample. 

Chemical drying offers many advantages over CPD and serves as a suitable alternative that is becoming widely used in SEM sample preparation. The use of chemical dehydrants such as TBA and HMDS offers a fast, inexpensive, and simple alternative to other methods, while still maintaining the structural integrity of the sample. We recently showed that there was no difference in the integrity of the tissue or the quality of the final image captured when using CPD or TBA as the drying method in adult Drosophila retinal issue23. Unlike CPD, TBA and HMDS do not require a drying instrument or liquid CO2 and there is no limitation on the size of the sample to be dried. In addition to obtaining the chemicals, only a standard chemical fume hood and appropriate personal protective equipment (gloves, lab coat, and safety goggles) are required to complete the drying process. While both TBA and HMDS are flammable, TBA is less toxic and less expensive (approximately 1/3 the cost of HMDS) than HMDS.	Comment by Author: tissue

In this article, we describe how to fix, wash, dehydrate, dry, mount, sputter coat, and image three types of organisms: cyanobacteria (Toxifilum mysidocida, Golenkina sp., and an unknown sp.), two euglenoids from the genus Monomorphina (M. aenigmatica and M. pseudopyrum), and the fruit fly (Drosophila melanogaster). These organisms represent a wide range in size (0.5 µm to 4 mm) and cellular diversity (single-celled to multicellular), yet all are easily amenable to SEM analysis with only small variations needed for specimen preparation. This protocol describes the methods for using chemical dehydration and SEM analysis to examine morphological details of three types of organisms and would be broadly applicable to examining many organismal and tissue types. 

PROTOCOL: 

1. Preparation and Fixation

1.1. Prepare cyanobacteria.

1.1.1. Grow unialgal cultures in F/2 media24,25 at a temperature of 28 °C on a 14:10 h light dark cycle. Transfer sufficient culture to a 1.5 mL microcentrifuge tube such that after allowing 15 min to settle, the bacterial pellet is approximately 0.05 mL in size. Remove the media and replace with 1.5 mL of fixative (1.25% glutaraldehyde, 0.1 M phosphate buffer pH 7.0), gently invert several times, and incubate overnight at 4 °C.

1.1.2. Transfer the fixed cells with a glass pipette into a 10 mL filtration rig (Figure 1) using acontaining a polycarbonate 25 mm filter with of 0.8 or 0.2 µm pores, depending on the size of the cells. Seal the side arm and funnel with rubber stoppers to contain the culture in the funnel. Remove the fixative by gentle vacuum on the filtration flask, after removing both stoppers. 

Note: If the cell density on the polycarbonate filter is not optimal, adjust the amount of starting culture used.

1.2. Prepare single cell algae (euglenoids).

1.2.1. Grow unialgal cultures in AF-6 media26 with 150 mL L-1 of commercially-available soil-water medium added to the media, at a temperature of 22 °C on a 14:10 h light dark cycle. Transfer 2 mL of low density (OD600 < 0.5) culture with a glass pipette into a 10 mL filtration rig (Figure 1) using containing a polycarbonate 25 mm filter with 8 µm pores. Seal the side arm and funnel with rubber stoppers to contain the culture in the funnel. 

Note: If the cell density on the polycarbonate filter is not optimal, adjust the amount of starting culture used.

1.2.2. Add three drops of 4% osmium tetroxide (OsO4) directly to the culture and allow to incubate for 30 min. Remove the fixative by gentle vacuum on the filtration flask, after removing both stoppers.	Comment by Author: In video it looks like a whole pipet-worth and not just 3 drops – change here/voice-over??  At 1:12 in video

Note: OsO4 is an acute toxin (dermal, oral, and inhalation routes), corrosive to the skin, damaging to the eyes, and a respiratory sensitizer. OsO4 should be handled in a chemical fume hood using appropriate personal protective equipment including gloves, lab coat, and eye protection.

1.3. Prepare Drosophila melanogaster (fruit fly)23.

1.3.1. Anesthetize adult flies using 100% carbon dioxide. Place anesthetized adults (about 10 to 30 flies) in a small plastic screw cap vial or 1.5 mL centrifuge tube. 

1.3.2. Immerse anesthetized flies in 1 mL of fixative (1.25% glutaraldehyde, 0.1 M phosphate buffer pH 7.2) for 2 h (or overnight) at 4 °C. If the flies float to the surface of the fixative, add a few drops of 2.5% polyethylene glycol tert-octylphenyl ether to weaken the surface tension of the fixative allowing for total submersion of the tissue. Remove the fixative using a glass pipet. 

2. Washing and Dehydration

2.1. Wash and dehydrate cyanobacteria.

2.1.1. Wash the fixed sample three times with 5 mL of 0.1 M phosphate buffer pH 7.0 at room temperature for 10 min each. Keep the flask and funnel stoppered to hold the wash. Remove each wash by gentle vacuum on the filtration flask, after removing both stoppers.

2.1.2. Dehydrate the sample while maintaining continuous immersion using a graded ethanol series, for 10 min in a volume of 5 mL in the funnel. The graded ethanol concentrations are: 25%, 50%, 75%, 95%, and 2 changes of 100% ethanol. Keep the flask and funnel stoppered to contain the ethanol in the funnel, preventing loss both via evaporation and passive flow through the filter.

2.1.3. Remove ethanol by gentle vacuum on the filtration flask, after removing both stoppers. Transfer the filter/sample to a disposable aluminum weighing dish containing just enough 100% ethanol to cover the sample before drying.

2.2. Wash and dehydrate single cell algae (euglenoids).

2.2.1. Wash the fixed sample three times with 5 mL of deionized water at room temperature for 10 min each. Keep the flask and funnel stoppered to contain the wash in the funnel. Remove each wash by gentle vacuum on the filtration flask, after removing both stoppers.

2.2.2. Dehydrate the sample while maintaining continuous immersion using a graded ethanol series for 10 min in a volume of 5 mL in the funnel. The graded ethanol concentrations are: 25%, 50%, 75%, 95%, and 2 changes of 100% ethanol. Keep the flask and funnel stoppered to contain the ethanol in the funnel, preventing loss both via evaporation and passive flow through the filter. 

2.2.3. Remove the ethanol by gentle vacuum on the filtration flask, after removing both stoppers. Transfer the filter/sample to a disposable aluminum weighing dish containing just enough 100% ethanol to cover the sample before drying.

2.3. Wash and dehydrate Drosophila melanogaster (fruit fly).

2.3.1. Wash the fixed sample three times with 1 mL of 0.1 M phosphate buffer pH 7.2 at room temperature for 10 min in a 1.5 mL microcentrifuge tube. Remove each wash with a glass pipette, being careful not to remove the flies.

2.3.2. Dehydrate the sample using a graded ethanol series, for 10 min in a volume of 1 mL in a microfuge tube. The ethanol concentrations are: 25%, 50%, 75%, 80%, 95%, 100%. Remove the ethanol with a glass pipette, being careful not to remove the flies.

2.3.3. Retain the sample in the 1.5 mL microcentrifuge tube with just enough 100% ethanol to cover the sample before drying.

3. Drying

3.1. Perform chemical drying using hexamethyldisilazane (HMDS)20.	Comment by Author: Is it ok that the video shows TBA (step 3.2) at time 2:39 (using euglenoids) before HMDS (step 3.1) at time 4:58 (using Drosophila)?  Do we need to modify the text of the manuscript so they match or is it ok as-is?

3.1.1. Replace the 100% ethanol solution with a 1:2 solution of HMDS and 100% ethanol for 20 min. Replace the 1:2 solution with a 2:1 solution of HMDS and 100% ethanol for 20 min. Replace the 2:1 solution with 100% HMDS for 20 min. Repeat once.

Note: HMDS is flammable and an acute toxin (dermal route). HMDS should be handled in a chemical fume hood using appropriate personal protective equipment including gloves, lab coat, and eye protection.

3.1.2. Transfer the sample in HMDS, if in a 1.5 mL microcentrifuge tube, into a disposable aluminum weighing dish. Once in the aluminum weighing dish, replace the 100% HMDS with just enough fresh 100% HMDS to cover the sample.

3.1.3. Transfer the sample to a plastic or glass non-vacuum desiccator with fresh desiccant (5-6 cm deep) and place into in a chemical fume hood. Alternatively, place the sample directly in a chemical fume hood to dry with a loose lid, such as a box, to prevent debris from falling on the sample. Allow the sample to dry for 12 to 24 h. 

3.2. Perform chemical drying using t-butyl alcohol (TBA)27.

3.2.1. Replace the 100% ethanol solution with a 1:1 solution of TBA and 100% ethanol for 20 min. Replace the 1:1 solution with 100% TBA for 20 min. Repeat twice. Keep the solution at 37 °C so that TBA does not freeze.

Note: 100% TBA has a freezing point of 25.5 °C; the 1:1 solution will not freeze at room temperature. TBA is flammable, causes serious eye irritation, is harmful if inhaled, and may cause respiratory irritation, drowsiness, or dizziness. TBA should be handled in a chemical fume hood using appropriate personal protective equipment including gloves, lab coat, and eye protection.

3.2.2. Transfer the sample in TBA, if in a 1.5 mL microcentrifuge tube, into a disposable aluminum weighing dish. Once in the aluminum weighing dish, remove TBA and replace with just enough fresh 100% TBA to cover the sample. Freeze the TBA at 4 °C for 10 min.

3.2.3. Transfer to a vacuum desiccator (bell jar) with frozen gel packs to keep TBA frozen. Evacuate and maintain vacuum with a rotary pump to allow the sample to dry by vacuum sublimation of the frozen TBA for at least 3 h or overnight.

4. Mounting

4.1. Mount cyanobacteria and euglenoids. 

4.1.1. Label the bottom of either a 12- or 25-mm aluminum mounting stub to indicate what is being placed on top. Cut the polycarbonate filter with the dried cells into quarters with a clean razor blade or scalpel if using a 12 mm stub, or place the entire filter if using a 25 mm stub. 

4.1.2. Place each filter on adhesive or a carbon adhesive tab secured to the top of a stub.

4.2. Mount Drosophila melanogaster (fruit fly).

4.2.1. Label the bottom of the aluminum mounting stub to indicate what is being placed on top.
Place the dried flies in the desired position on adhesive or carbon adhesive tab secured to the top of a stub under a dissecting microscope with precision tweezers.

4.2.2. Apply silver conductive adhesive, i.e., silver paint, around the outer edges of the stubs. Connect the silver paint to the flies using a toothpick to ensure conductivity. Do not allow the paint to touch the desired imaging area. 

4.2.3. Place the stubs in a stub holder box and place the open stub holder box in a desiccator. Allow the silver paint to dry at least 3 h or overnight for best results.

5. Sputter Coating

5.1. Prepare the sputter coating apparatus by performing four to five flushes of argon gas. If the humidity is high (i.e., the room air feels moist, usually about 50% relative humidity), perform six to seven flushes. Sputter coat the stubs following the manufacturer’s instructions.

5.2. Coat samples based on specimen used:

5.2.1. For filters with cyanobacteria, set the timer to sputter coat for 180 s straight on.

5.2.2. For filters with eukaryotic algae, i.e., euglenoids, set the timer to sputter coat for 120 s straight on, then 20 s on three sides at a 45° angle.

5.2.3. For large samples, i.e., fly heads, set the timer to sputter coat for 60 s straight on, then 30 s on each side at a 45° angle. 

Note: After coating is complete, stubs should be light gray in color.

6. Imaging

6.1. Image samples using a scanning electron microscope that includes a secondary electron (SE) detector.

6.1.1. For cyanobacteria, apply the following settings: 3-5 kV accelerator voltage (AC), 20-30 probe current (PC), and 5 mm working distance (WD). For euglenoids, use 3 kV AC, 30 PC, and 5 mm WD. For flies, use 5 kV AC, 30 PC, and 5 to 10 mm WD.

6.2. Adjust magnification depending on the size of the detail or object to be visualized. Adjust the stigmators, apertures, and focus until a clear image is produced. Capture the image using high-resolution settings according to the manufacturer’s instructions of the SEM.

REPRESENTATIVE RESULTS:
Cyanobacteria are a prokaryotic group of organisms that are critical to the global carbon, oxygen, and nitrogen cycles28,29. Of the estimated 6000 species of cyanobacteria30, most have a mucilaginous sheath that cover and connect the cells together and to other structures31, which along with the shape, can be resolved microscopically32. Cell size, shape, and pigments present distinguish individual species and in aquatic habitats, can be visualized as cyanobacterial “blooms”28. The modern cyanobacterial classification combines all morphological features possible using light microscopy, TEM, and SEM, as well as molecular data33. Similar to the mucilage sheath of cyanobacteria, pellicle strips of euglenoid species aid in phylogeny determination. Euglenoids are aquatic flagellates that possess a great deal of morphological and behavioral diversity, and SEM analysis has proven useful in classifying distinct species. Specifically, euglenoids possess novel structures beneath their plasma membrane that are composed of parallel proteinaceous strips and microtubules, called the pellicle34-36. The number, arrangement, and size of pellicle strips are critical morphological comparators, and together with molecular phylogenetic data, are used to construct the phylogeny for Euglenozoa37. 

The first step in preparing both cyanobacteria and euglenoids requires filtering the organisms from their growth medium and is accomplished by assembling a filtration rig (Figure 1A). Aspiration is used to pull the medium through a polycarbonate filter, leaving the organisms on the surface of the filter. The pore size of the polycarbonate filter should be selected such that the intact organisms will not pass through (compare Figures 1B and 1C). Figure 2 shows representative results of three different genera of cyanobacteria. Two are freshwater and one is marine. Details of the cell, including shape and texture of the surface are visible, as well as a sheath of mucilage or projections from the cells. Figure 3 illustrates how SEM is used to visualize the pellicle strips of two different euglenoid species. The helical arrangement of the pellicle strips that merge at the posterior end to form a tail aid in phylogeny determination when comparing Monomorphina aenigmatica (Figures 3A and 3B) with Monomorphina pseudopyrum (Figures 3C and 3D). 

In addition to morphological characteristics that identify species, the external morphology of model organisms such as Drosophila melanogaster can be used to identify genetic modifiers using the photoreceptors neurons that comprise the compound Drosophila eye38. Since the eye is a non-essential tissue in flies, it is possible to express toxic proteins in retinal cells and use SEM to examine the morphological changes that genetic modification has on the eye. Normal fly eyes are characterized by an ordered array of bristles and lenses (Figure 4A), however expression of proteins associated with Alzheimer’s disease create what is called the ‘rough eye’ phenotype (Figure 4B). Genes that suppress (Figure 4C) or enhance (Figure 4D) the rough eye phenotype may play a physiological role in disease progression and have potential for drug targeting39. Also shown in Figure 4 are examples of potential pitfalls to avoid including an example of the collapsed structure of the eye from improper drying technique (Figure 4E) and electron charging from insufficient sputter coating that appears during image acquisition (Figures 4F and 4G).

FIGURE AND TABLE LEGENDS: 
Figure 1: Schematic representation of the filtration rig and SEM of a polycarbonate filter. (A) This apparatus is used to separate small or single celled organisms such as cyanobacteria and euglenoids away from their growth medium. Application of a vacuum to the side arm of the flask will pull the contents of the funnel through the polycarbonate filter and into the base of the filtration flask, leaving the organisms on the surface of the filter. (B) SEM of a 0.8 µm pore filter with no sample as the sample was lost because of mishandling. Scale bar = 20 µm. (C) SEM of a 0.8 µm pore filter with cyanobacteria present. Scale bar = 20 µm.

Figure 2: SEM micrograph of cyanobacteria. (A, B) Toxifilum mysidocida, a filamentous freshwater species from Colorado with a visible sheath of mucilage (M). Scale bars = 5 µm. (C, D) A freshwater Golenkina sp. from Ohio. Individual cells sometimes form colonies held together by a thin layer of mucilage (M). Filament-like protrusions (white arrows) extend for the individual cells. Scale bars = 10 µm. (E, F) Unknown filamentous species from a high salinity estuary in Texas coastal waters. Individual cell (black arrows) and dividing cells (white arrowheads) are visible. Scale bar in panel E = 2 µm. Scale bar in panel F = 1 µm.

Figure 3: SEM micrograph of the pellicle strips from two species of euglenoids. (A, B) Monomorphina aenigmatica. (A) Low magnification images of the entire cell. Scale bar = 5 µm. (B) High magnification of the posterior end. Scale bar = 3 µm. (C, D) Monomorphina pseudopyrum. (C) Low magnification images of the entire cell. Scale bar = 10 µm. (D) High magnification of the posterior end. Scale bar = 5 µm.

Figure 4: SEM analysis of phenotypic modification of the Drosophila eye. Compared to the normal external appearance of the ordered array of bristles and lenses of the fly eye (A), expression of the toxic protein tau causes the death of the photoreceptor neurons, generating the ‘rough eye’ phenotype (B). Expression of genetic modifiers that either suppress (C) or enhance (D) the tau rough eye provides evidence of genes that may play a role in tau neurotoxicity. Improper technique during drying steps can lead to a collapse of the structure of the eye (E) while insufficient coating of the sample will cause charging, which appears as either a white (F) or black (G) band during image acquisition, as shown by the arrow. Scale bar = 400 µm.

DISCUSSION: 
Here we described a protocol using SEM to obtain detailed information about external morphological characteristics of three types of organisms that others can apply to examine features of many types of organisms or tissues. Within each step of the protocol, there are potential points of error that may arise and are discussed in detail below. 

While the volumes for fixative and washes given here are specific, in general the fixative and washes should be 5-10x the volume of the specimen. All fixation, washing, and dehydration times are based on our experience, if problems arise, e.g., shriveling of the sample, you may need to increase the times at each step of dehydrating or drying. Depending on your single cell sample, you may need to do both a glutaraldehyde fixation and a post-fixation in osmium tetroxide. If a duel fixation is needed after step 1.1.2 of the cyanobacteria procedure cover with an equal amount 2% OsO4 in the same buffer and proceed from step 1.2.2 of the single cell procedure. From work not shown here, we have found that Drosophila can either be directly placed into fixative following anesthetization or can be frozen indefinitely at -20 °C in a microfuge tube and placed into fixative at a later time with no difference in finished image quality. 

During the washing and dehydration steps, it is imperative to move through the graded ethanol series slowly and without skipping a noted concentration. If samples are dehydrated too quickly, it negatively impacts the underlying structural components in the tissue and specimen will shrivel, wither, or collapse. An example of tissue collapse is shown in Figure 4E. In addition, to prevent the introduction of artifacts such as clumping and flattening of morphological features, it is critical to leave just enough ethanol to cover the sample between steps during dehydration and drying.

When using the filtration rig, a drop of water on the base will hold the filter in place when assembling. Also, the filter should be placed with the shiny side up and all liquids should be added gently, being careful to handle the filter with care to prevent washing away the sample. Although we have found the results of drying using either HMDS or TBA to be of equal quality, we recommend using TBA: while both HMDS and TBA are flammable, TBA is about one third the cost and less toxic than HMDS. 

During mounting when using silver conductive adhesive (also called silver paint), be careful when applying as your sample can easily be covered (buried) in the paint, thereby obscuring fine details in morphology. Sputter coating times may vary based on your sample, and values given here are based on our experience. One potential negative outcome of insufficient sputter coating is a phenomenon called charging, which often appears as a white or black line (sometimes a flash) in the final image (see Figures 4F and G for examples). If the amount of charging observed is minimal, it may be possible to mitigate the effects by adjusting various microscope parameters, such as lowering the accelerating voltage or beam current, increasing the condenser lens strength, and/or using a smaller objective aperture. Most SEMs used for biological samples have secondary electron detectors, however some SEMs may also be equipped with backscatter detectors or environmental secondary electron detectors, all of which can be adjusted to diminish or eliminate the effects of minimal charging. If the charging effects are more pronounced, it is likely that there is poor grounding of the sample or too little sputter coating to produce the secondary electrons, causing the charged electrons to build up in the specimen and be spontaneously released, producing distortion in the image during acquisition. Pronounced charging is most often resolved with a thicker coating or better grounding with silver paint. Because both too much and too little sputter coating can negatively impact the quality of the image, it is best to optimize the amount of coating applied by adjusting the variables of time (10 to 180 s) and pressure (70 to 150 mTorr) of the sputter coater to achieve an optimal coating. As the coating cannot be removed once applied to the sample, a test run is recommended with a single sample before coating all of the samples.

SEM parameters such as accelerating voltage (in kV), probe current (PC), and working distance (WD) must be adjusted to get the best image possible, as the settings given here are suggested starting parameters based on our experience. While the quality of the sample is dependent upon the care taken in preparation, the quality of the final image relies upon the experience and skill of the SEM operator. Thus, we recommend working with an SEM technician or spending time developing your own SEM skills. All of the data (including sample preparation and imaging) shown in this paper were generated by undergraduate students in the Biology Microscopy program at CMU, with guidance from faculty and our microscopy technician.

The protocols described here include the use of potentially harmful chemicals, and the appropriate safety measures should always be observed to protect users, particularly students who may be handling these chemicals. While the protocols specify safety concerns associated with each chemical upon first use, users should always: (1) use a chemical fume hood, (2) have access to an emergency eye wash and safety shower, (3) use appropriate personal protective equipment including nitrile gloves, lab coat, and eye protection, and (4) know where to find written safety procedures inclusive of handling procedures, designated use areas, spill procedures, decontamination procedures, and waste disposal procedures. 

In conclusion, these organisms illustrate how information about the three-dimensional topography of the external surfaces of each is useful for phylogenetic grouping or modifier analysis. For cyanobacteria, features determined from the SEM can be used in combination with additional data from light microscopy, TEM, and molecular studies to identify, characterize, and name the cyanobacteria. For euglenoids, the number, width, arrangement (helical or straight), and ornamentation, if present, of the pellicle strips can be used with other morphological data, and if necessary molecular data, to identify, characterize, and name euglenoids. Moreover, other types of single-celled algae and protozoans or micro-invertebrates can be prepared and examined in a similar manner to determine external morphological features such as flagella, feeding structure, external ornamentation, or details of appendages in the case of micro-invertebrates. Finally, SEM has broad applications for examining morphological details, such as the eye of the model system Drosophila, to characterize genetic modifiers of disease pathology. The protocols described here utilize organisms that vary greatly with respect to complexity, yet all are amenable to SEM analysis to gather useful morphological information that is critical for scientific discovery spanning many different subdisciplines of biology.
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