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Authors, please fill out the brief questionnaire below.   
A.  Will you require JoVE to record video microscopy, such as filming a complex dissection or microinjection technique? We will be recording video microscopy with our own microscope camera as part of our technique. If yes, please list make and model of your microscope: Nikon Eclipse E600FN. Will need a scope kit for the dissection.
B.   Does your protocol include detailed, step-by-step, descriptions of software usage?  No, only general instructions. 
C.  Which steps of your protocol will viewers benefit most from having filmed? Please list 4-6 steps:

1. Close-up of mouse eye under microscope objective.

2. Infusion of fluorescent microspheres into the femoral vein (maybe not necessary).

3. Our captured video of fluorescent microspheres entering the mouse retinal blood vessels.

4. Our captured video of fluorescent dextran entering the mouse retinal blood vessels.

5. Computer software measurement of microsphere velocity “streak”.

6. Computer software measurement of retinal vessel diameter.

D.  What is the single most difficult aspect of this procedure and what do you do to ensure success?  Correct angle of positioning the mouse eye under the microscope, which comes with experience.
1. Introduction (Schematic Overview and Interview)
A. Schematic Overview (read by voice talent at JoVE): 
Procedural Narrative:
The overall goal of this procedure is to measure retinal blood flow in mice. (Intro)
This is accomplished by first infusing fluorescent microspheres through the cannulated femoral vein of an anesthetized mouse. (P1)  
The second step is to video-record the microspheres flowing through the mouse’s retinal vessels.(P2)
Next, infuse fluorescent dextran through the femoral vein and capture video as it flows through the retinal vessels. (P3)
The final step is to measure microsphere velocities and vessel diameters from the recorded videos, for a calculation of retinal blood flow. (P4)
From the schematic overview ppt:

(P1) Please replace the "Eye/Anesthetized mouse/Femoral vein" box with a stock graphic of a mouse on its back and add a cannula to the femoral vein near where the hindlimb joins the body. Then have the microscope objective move into place over the eye. Insert a stock graphic of a needle injecting fluorescent microspheres (green) into the cannula. 

(P2)  Show the left-hand image outlined in red. 
(P3) Then insert a stock graphic of a needle injecting the fluorescent dextran into the femoral vein. (different color than the microspheres—yellow?)
(P4) Use the P2 image and “measure” the streak lengths using a red line. Then insert the bottom image outlined in blue (remove the “Diameter” label if possible) and “measure” vessel diameters with a red line (i.e., measure the width, not the length, of one of the streaks vessels). Show figure 2 for the second part of the voiceover. 
B.  Interview: (Said by you on camera. Don’t forget to smile!)   
1.1. Wendy Leskova: A primary advantage of this technique is the ability to accurately measure retinal blood flow using a standard fluorescence microscope.
1.2. Megan Watts: This method can help answer key questions in the retina field, such as the extent to which changes in blood flow contribute to diabetic retinopathy.  

1.3.  Norman Harris: Although we will be demonstrating this technique in the retina of a mouse, the general method also can be used for other tissues and in other small animals.
Protocol (read by voice talent at JoVE): 
2. Preparation of Perfusion Solutions
2.1. Sonicate a 1% (by weight) stock solution of 1.9-μm diameter microspheres. 
2.1.1. WIDE: Talent washes microspheres at bench. (TEXT: 1.9-μm diameter microspheres.)
2.1.1. MED/WIDE: Talent initiates sonication 
2.2. Withdraw 10 μl of the stock solution into a 300 μl syringe. Then dilute the microspheres by drawing 240 μl of sterile saline into the syringe. 
2.2.1. MED Over the Shoulder: Talent withdraws stock solution
2.2.2. CU: Talent withdraws sterile saline into the syringe

2.3. Next, prepare a 50-μl solution of fluorescent dextran dissolved in enough sterile saline so that the injected dose will be 5 mg per kg.
2.3.1. MED: Talent prepares dextran solution (TEXT: 2×106 MW fluorescent dextran) 
2.4. Then cover the dextran with aluminum foil until time for its infusion. 
2.4.1. MED: Talent covers dextran with foil and placing it aside
3. Animal Anesthesia and Vascular Cannulation
3.1. After anesthetizing the animal and testing for adequate anesthesia by a toe pinch, place a heating pad underneath the animal. Keep the eyes moist with phosphate buffered saline.   
3.1.1. WIDE: Talent places mouse onto heating pad. (TEXT: Anesthetic: 50 mg/kg ketamine and 50 mg/kg pentobarbital) 

3.1.2. CU: Talent applies buffered saline into its eyes. 
(Please Note: The order of 3.2 and 3.3 have been switched.)

3.3
Next, break off the sharp tip of a syringe needle by bending it back and forth with a hemostat. Then place a 20-cm length of polyethylene tubing on the blunted tip of the needle and fill the tubing with the heparinized saline.
      3.3.1
MED Over the Shoulder: Talent breaks off tip of needle with hemostat.

      3.3.2
MED Over the Shoulder: Talent places tubing on needle. (TEXT: 0.28 mm inside diameter; 0.61 mm outside diameter.)
3.2. Now prepare a 25 U per ml heparinized saline solution. Fill the syringe with the heparinized saline. 
3.2.1. MED: Talent adds heparin to saline solution (or else places the heparinized saline solution on the bench)
3.2.2. CU: Talent fills syringe and tubing with heparinized saline.
3.3. Next, break off the sharp tip of a syringe needle by bending it back and forth with a hemostat. Then place a 20-cm length of polyethylene tubing on the blunted tip of the needle and fill the tubing with the heparinized saline. 
3.3.1. MED Over the Shoulder: Talent breaks off tip of needle with hemostat.

3.3.2. MED Over the Shoulder: Talent places tubing on needle. (TEXT: 0.28 mm inside diameter; 0.61 mm outside diameter.)

3.4. After shaving one side of the lower abdomen, make a 1-cm incision at the transition between the abdomen and leg to expose the femoral vein…Then tie off the vessel just proximal to the widening of the femoral vein with a 5.0 suture. 
3.4.1. CU: Talent making incision in skin

3.4.2. SCOPE: Talent exposes femoral vein. (Videographer: Please audio slate the scope shots if necessary)
3.4.3. SCOPE: Talent uses probe (or something) to point to the widening of the femoral vein and ties off vessel with a 5.0 suture.
3.5. Next, make a partial incision of one-half the vessel diameter and insert the tubing into the vessel along its axis at a 20 to 30 degree angle above horizontal. Secure the tubing with a suture tied around the cannulated section. 
3.5.1. SCOPE: Talent making incision into femoral vein 

3.5.2. SCOPE: Talent inserting tubing into the vessel 
3.5.3. SCOPE: Talent securing the tubing with a suture.

4. Preparation for Intravital Microscopy
4.1. To prepare the animal for microscopy, dilate the pupil of the eye with one drop of 1% tropicamide ophthalmic solution, followed by a drop of 2.5% hypromellose ophthalmic solution.
4.1.1. MED/CU: (Over the Shoulder): Talent instills the tropicamide…

4.1.2. … and ophthalmic solution.
4.2. Then cover the eye with a 5-mm glass coverslip. 
4.2.1. CU: Talent covers the eye with the coverslip.

4.3. After placing the animal on a Plexiglas board, position the board underneath the microscope objective of an upright microscope.  Place surgical gauze underneath the head to allow a direct axis through the objective to the central retina and optic disk.
4.3.1. MED: Talent places the mouse under the microscope objective.

4.3.2. CU: Talent places gauze under animal’s head and aligns the eye under the objective.
4.4. Using the 4x objective and a fluorescein filter, focus on the optic disk, keeping it in the center of the field of view.
4.4.1. LAB MEDIA: View through scope of mouse’s eye—focusing on optic disk using 4x objective. This shot will be used again later. (to be submitted by Authors)
5.  Infusion of Fluorescent Microspheres to Measure Velocities
5.1. Next, infuse the fluorescent microsphere solution into the femoral vein at a rate of 250 μl per min per kg. 
5.1.1. MED (Over the Shoulder): Talent infuses microsphere solution into femoral vein. Multiple takes from a couple angles. Shot will be repeated later.
5.2. Using a camera exposure time of 8 ms, video-record the viewable retina around the optic disk.
5.2.1. LAB MEDIA: Video of microsphere solution entering the retina. (to be submitted by Authors).
5.3. Stop the microsphere infusion after 3 minutes. Some microsphere solution may remain unused. 
5.3.1. MED: Talent stops microsphere infusion.
6. Infusion of a Fluorescent Plasma Marker to Measure Diameters
6.1. To begin measuring the diameters of the retinal vessels, maintain focus on the optic disk with the 4x objective.
6.1.1. Use shot 4.4.1.
6.2. Next infuse the prepared solution of fluorescent dextran into the femoral vein as a bolus over 5 seconds. 
6.2.1. Use alternate angle from shot 5.1.1 
6.3. Then switch to a 10× objective and 40 ms exposure time to improve resolution. Video 4 to 7 arterioles and 4 to 7 venules in the superficial retina. Focus on one quadrant of the viewable retina at a time, keeping the center of the optic disk in one corner of the field of view. Record each quadrant for only 10 to 15 seconds to minimize the possibility of phototoxicity.
6.3.1. MED/CU: Talent switching to 10x objective and changing exposure.

6.3.2. LAB MEDIA: View of retinal quadrant being video-recorded, then moving view to another quadrant. (Authors: Please make sure this movie is at least 20 seconds long to cover the voiceover)
7. Video Analysis
7.1. Now analyze the video to determine flow rates and total retinal blood flow. Using a micrometer scale, calibrate the video system for a conversion of μm to pixels.
7.1.1. WIDE: Talent at computer doing video analysis.

7.1.2. MED or SCREEN : show calibration of the video system 

7.2. With image processing software, play back the recorded video.
7.2.1. MED Over the shoulder: Talent plays back the video.
7.3. From the video of the bolus infusion of fluorescent dextran, identify arterioles and venules. The arterioles perfuse before the venules. (TEXT: Tip: Arterioles perfuse first.)
7.3.1. LAB MEDIA: Video of retinal vessels filling with dextran (to be submitted by Authors). (Video Editor: Add red arrows pointing to arterioles perfusing (the arterioles perfuse first ,see Fig. 2D), then blue arrows pointing to venules as they perfuse (the venules perfuse later, see Fig. 2I) with word in red “Arterioles” appearing with the red arrows, and word in blue “Venules” appearing with blue arrows. 
7.4. Measure the diameters of each of the arterioles and venules filled with fluorescent dextran, averaging 5 measures of diameter per vessel along the viewable length.

7.4.1. LAB MEDIA: Fig. 3: (Video Editor: add 5 red lines, each indicating a measurement of the diameter at five places along the length of the arteriole. Then add 5 blue lines showing the diameter measurement along the length of the venule.)
7.5. Then, for each of the same arterioles and venules, measure the streak length of the fluorescent microspheres, using 10 successive microsphere streaks in each vessel to avoid selection bias.
7.5.1. MED Over the Shoulder: Talent at computer using the analyzing software.

7.5.2. SCREEN: Analyzing software measuring the streak length. 
7.6. Now divide the streak lengths by the exposure time to calculate the microsphere velocity, and average the 10 velocities per vessel.
7.6.1. SCREEN: Calculation of microsphere velocity (TEXT: “ e.g. 160 μm/8 ms = 20 μm/ms = 2 cm/s”)
7.7. Next, calculate the volumetric flow rate for each vessel.  The flow equals the mean velocity times π times the diameter-squared divided by 4.

7.7.1. SCREEN: shot of screen showing flow rate data.

7.7.2. TEXT: “flow = mean velocity × π × diameter2/4”. 
7.8. Finally, sum the arteriolar flow rates, and separately, the venular flow rates, to obtain the total retinal blood flow.
7.8.1. SCREEN: shot of screen with data for total retinal blood flow.
8. Results: Intravital Microscopy Measurements of Retinal Blood Flow
8.1. Shown here are single frames of video showing 1.9 μm fluorescent microspheres appearing as streaks as they move through the retinal vessels.  The middle image shows the orientation of the retinal vessels in the other panels of the figure.  Note that some frames have multiple streaks. In this experiment, most of the fluorescent streaks are in the range of 120-170 μm in length, which corresponds to velocities of 1.5-2.1 cm/s.  
8.1.1. Figure 1 (Video Editor: 2nd sentence: Highlight (put a red square around?) E, the middle image. 3rd sentence: Highlight C, D, G, H and I. 4th sentence: Put a red line with arrows at both ends (to indicate a length measurement) next to each of the streaks in one of the panels (e.g., panel I).
8.2. These next images are from the bolus infusion of fluorescent dextran. In the first frames, arterioles are seen filling with dextran. The venules fill after the dye makes its transit through the capillary beds.
8.2.1. Figure 2, A-D (Video Editor: Highlight these frames one at a time)
8.2.2. Figure 2, E-I, positions of 12:00, 3:30, 5:30, and 9:00 (Video Editor: Highlight these frames one at a time, add arrows pointing to the vessels at 12:00, 3:30, 5:30, and 9:00 o’clock)
8.3. Shown here is one of the 10× images used to measure vessel diameters. The arteriolar diameters ranged from 47 to 55 μm, and the venule diameters ranged from 50 to 65 μm. 
8.3.1. Figure 3 (Video Editor: Have the “arteriole” label appear as “arteriolar diameter” is said, have the “venule” label appear as “venule” diameter is said.)
8.4. This figure shows flow measurements from a previous experiment in which both fluorescent microspheres and fluorescent red blood cells were injected into the same mouse, to determine if similar vessel velocities and flows would be found.  As this figure indicates, the measured velocities and flows were very similar.
8.4.1. Figure 4 (Video Editor: Please highlight the circles (microspheres) as “fluorescent microspheres” is said, and highlight the x’s (Red Blood Cells) as “fluorescent red blood cells” is said.)
9. Conclusion (said by authors on camera)
9.1. Wendy Leskova: Once mastered, this technique can be done in less than one hour if it is performed properly.

9.2. Megan Watts: While performing this procedure, it’s important to remember to reduce the fluorescent excitation of the dyes by limiting the time that the microscope shutter is open.

9.3. Norman Harris: After watching this video, you should have a good understanding of how fluorescent dyes can be used to measure retinal blood flow in mice.

Provided Media

Authors, Please list all images, movie files, or 3-D rendered animations that can be included in the video per editor’s request.  The step in the script/video where these images will be inserted should be specified.   For example:

6.2 –  0123_PIname_Figure1.tif -  dual color imaging of tumor angiogenesis at 40X 

6.2 –  0123_PIname_Figure2.tif -  dual color imaging of tumor angiogenesis at 100X

Formats:  For static images we prefer .tiff, .eps, Illustrator, Powerpoint or Photoshop files at dimensions of at least 720X480 pixels and 300 dpi.  The higher resolution, the better.  Likewise any exported movie files should have at minimum these dimensions and be rendered to .mov, .mp4, or .avi files.  

Insert your media filenames here.

General Preparation

It’s critical for a smooth and organized shoot that all reagents are accounted for, in advance.   

Any overnight or long incubation steps should be recognized and specimens/samples be prepared in advance so that prior steps can be recorded and shooting can continue with pre-prepared specimens/samples.  

All tubes/flasks should be pre-labeled neatly before we arrive.  

Ex. Luciferase assay done in 96 well plates should be labeled with negative/positive control wells and experimental samples are labeled accordingly.
You will receive more detailed preparation instructions, as well as an introduction to your videographer, closer to your filming date.
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