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Short Abstract: This protocol details the procedure for isolating and culturing neurons from the hippocampus and cortex of embryonic mice.  
Long Abstract: The goal of this protocol is to culture cortical and hippocampal neurons from 17 day old mouse embryos.  The procedure involves obtaining embryos from a sacrificed pregnant female mouse, isolation and dissection of the brain to obtain the cerebral hemispheres, separation of the hippocampus and cortex from the remainder of the brain, enzymatic and mechanical dissociation of the cells, and plating of the neurons on pre-coated culture dishes1.  After obtaining the required materials listed in Table 1 and preparing coverslips the procedure takes two days.  One critical aspect of the procedure is the maintenance of sterility.  This is accomplished with the assistance of various types of equipment and materials, (syringe filters, dissection and culture hoods, and copious ethanol), but above all success relies on proper sterile technique.  In the following protocol we aim to describe and demonstrate, via the accompanying video, such technique by providing sufficient detail that when followed, result in healthy, long-lived neuronal cultures.  Finally, we wish to acknowledge that this is a document of only how we perform this procedure and that it can likely be done in variety of other ways. 
1. Initial preparations:
1.1) Introduction:  There are certain logistical and preparative tasks to accomplish before one can begin the dissection.  A table of necessary supplies and equipment accompanies this protocol (Table 1).  The table does not include standard items such as ethanol, incubators, and laminar flow hoods for sterile cell culture.  The first step is to determine where one can obtain timed pregnant mice.  On the day of shipping and arrival, our mice are embryonic day 16 (E16) C57-BL6 mice from Charles River.  Animals will need to be housed and cared for in manner consistent with the U.S. Government principles for the utilization and care of vertebrate animals used in testing, research & training.
1.2) Washing glass cover slips:

-Obtain a clean Pyrex flask that has never seen fixatives.
-Add coverslips (#1 or #1.5 thick and 12mm in diameter) to the bottom of the flask.
-Add concentrated nitric acid to cover the coverslips and cover the flask with tin foil.
-Place on a shaker to shake gently for 1-4 hours.
-Collect nitric acid to chemical waste and rinse coverslips with distilled water extensively.
-Continue to shake coverslips in distilled water for 2-4 weeks, changing water every day or every other day. Use 95% ethanol in the last 2 washes.

-Pour off all possible liquid and autoclave on a solid cycle to sterilize.
-Allow the flask to cool until you can comfortably hold it, but don't let it cool too much, for it will collect condensation.
-In the tissue culture hood pour the coverslips into a sterile 15cm culture dish.
-Allow all traces of moisture to evaporate.  The coverslips should be dry and not to stick to each other. 
-Store the 15cm dish of coverslips at room temperature sealed with parafilm to prevent moisture from accumulating.

1.3) Media and Solutions: The following should be prepared at minimum the day before the dissection.  Other solutions (discussed below in a separate section) are prepared on the day of the dissection.  

A. Ky/Mg stock (10 mM Kynurenic acid/100 mM MgCl2/100 mM HEPES)
Hanks Balance Salt Solution (HBSS) (w/o Ca2+ and Mg2+)
160 ml

Kynurenic Acid






378 mg

1 M MgCl2







20 ml

-Mix to dissolve, adjust  pH 7.4 (by eye) with 1 N NaOH

-Add 20 ml 1M HEPES pH7.4.

-Filter sterilize (in hood).
B. Dissection/Dissociation Media (DM)
	Component
	Volume
	Final Concentration

	1) HBSS (w/o Ca2+ and Mg2+)
	500 ml
	

	2) sterile 2.5 mM Glucose
	7 ml
	35 mM

	3) Ky/Mg stock
	50 ml
	1 mM Kyn/10 mM MgCl2/10 mM HEPES


Make this solution in the cell culture hood. 
- 50ml aliquots of dissection media are stored at -20 (C.

-Thawed aliquots can be stored at 4 (C up to 1 month
-The solution is good for 1-2 month at 4(C.
C. Plating Media (PM) – To a fresh sterile 500ml bottle of Neurobasal media add 50ml horse serum and 5ml of glutamine stock solution. 
D. Culture Media (CM) – To a fresh sterile 500ml bottle of Neurobasal media add 10ml of supplement B27 and 5ml of glutamine stock solution. 
E. Poly-D-Lysine (PDL) – This is a sterile powder.  This should be dissolved in sterile water to a final concentration of 1mg/ml, aliquoted into 500µL volumes, and stored at -20 (C.
F. Laminin – This is a sterile 1mg/ml solution that should be stored in 100 µL aliquots at -80 (C.
2. Experimental Day 1. 

2.1) Coating plates:  Neurons will not grow on standard tissue culture treated plastic or glass.   As such both surfaces need to be coated prior to plating the cells.
Glass: Neurons are frequently cultured on glass coverslips for immunocytochemistry.  Sterile coverslips are stored at room temperature after washing (See 1.2 above) in a 15cm culture dish sealed with parafilm.  

- The vacuum aspirator in the tissue culture hood fitted with a sterile pipette tip is used to pick up coverslips and distribute them into the wells of a 24-well plate.  When each well has one coverslip the surface is ready for coating.  

- For two 24-well plates mix 1 aliquot of PDL (500µL) and 1 aliquot of Laminin (100µL) with 25ml sterile water in a 50ml tube (final PDL and Laminin concentrations are 20µg/ml and 4µg/ml).

- Add ~500µL of this diluted PDL/Laminin solution per well.  

- Incubate overnight at 37(C. 

Plastic: Tissue culture treated plastic is coated with a poly-D-Lysine solution.  

- For two 6 well or two 24-well plates mix 1 aliquot of PDL (500µL) with 25ml sterile water in a 50ml tube (Final PDL concentration is 20µg/ml).  

- Add 2ml of this diluted PDL per well of a 6 well dish or 500 µL per well of a 24 well dish.  

- Incubate overnight at 37(C.

3. Experimental Day 2. 
3.1) 
Aspirate the coating solution from the culture surfaces and rinse each well three times with sterile water (~500µL/well/wash of a 24 well dish and 2ml/well/wash of a 6 well dish).  Finally add one volume of plating media (PM) to each well.   
3.2)
Submerge the dissection tools in 95% ethanol.  These include the student scalpel with a fresh #10 blade, two Dumont #5 Forceps, a student Iris scissor, a Vannas spring scissor, and a student standard pattern forceps.    

Next, spray 70% ethanol onto the surfaces of the Laminar Airflow Workstation and it’s contents.  In our laboratory the dissection is performed at this workstation.  This serves as a bridge from the non-sterile animal cage to the sterile culture dish.  It should be noted that many laboratories perform primary neuron isolation without such a workstation, but we have found it useful.    


Once the inside of the workstation has been cleaned a clean paper towel is laid down on the culture surface and soaked with 70% ethanol.  Next, one should spray their gloved hands with 70% ethanol before retrieving the dissection and laying them on the paper soaked paper towel.  A second paper towel is then used to cover the tools.  Finally this is also soaked with 70% ethanol.  You are left with your dissection tools neatly arrayed between two paper towels soaked in 70% ethanol.         

3.3)
Next you will begin the process of preparing the “Papain” and “Inhibitor” solutions.  Papain is a protease used to enzymatically dissociate the cells.  The inhibitor solution is used to terminate this enzymatic activity.  The process of preparing these two solutions is comprised of two steps that are separated from each other by a series of other tasks.  The first step will be described below with the second step described in section 3.12.
Add approximately 3.2mg of L-Cysteine hydrochloride to a 50ml tube labeled “Papain”.  The exact concentration of L-Cysteine hydrochloride is not critical so up to 6mg is still suitable for enzyme activity.  
To a second tube, labeled “Inhibitor”, add 300mg of bovine serum albumin and 300mg  of ovomucoid Trypsin inhibitor.

Now in the sterile cell culture hood add 10ml of DM to the “Papain” tube and 30ml of DM to the “Inhibitor” tube. 

 Place both tubes in a 37˚C water bath.
3.4)
Obtain two 10cm and five 35mm sterile culture dishes.  In the sterile cell culture hood, add DM to all of these dishes so as to cover their surfaces.  Arrange the dishes on ice so that each dish is resting on ice.  One needs to keep an eye on these dishes for the next couple of hours, in order to ensure that as the ice melts the dishes don’t tip and compromise sterility.    

You also need two sterile 15mL tubes.  One labeled “Hippocampus” and the other “Cortex”.  Put 14ml DM into each tube.      

3.5) Place a clean piece of absorbent bench-top paper on your regular lab bench.  Soak the surface of the bench-top paper (“Chuck”) with 70% ethanol.  Bring the cover of one of the 10cm dishes and place it top down (sterile surface up) on the presoaked bench-top paper.  Also obtain the student Iris scissor and the student standard pattern forceps and place these on the bench-top paper.  Keep in mind that these instruments are sterile and should only be handled with a gloved hand that has been sterilized itself with 70% ethanol.

3.6) Sacrifice the pregnant mouse.  We accomplish this by placing the mouse in a bell jar with a tissue presoaked with 1ml isofluorane.  This is performed in a chemical fume hood so as to protect the scientist from the fumes of isofluorane.  The animal perishes within 45 seconds and death is confirmed via cervical dislocation.  The animal is then brought to the pre-soaked bench-top paper and laid down with it’s abdomen facing up.

3.7) Spray the abdomen of the mouse with 70% ethanol.  

Then, use the forceps to lift the abdominal skin in the midline cutting into the abdominal cavity with the scissor.
Fold the abdominal skin flap upward and pick up an embryo with one of the forceps.  With the use of the scissor one is able to clear a string of embryos from connective tissue and lift them into the sterile 10cm dish top.  A typical litter size for a C57/bl6 mother is 6-8 pups.
Bring the embryos to the dissection station.  

3.8) Using the sterile Dumont #5 Forceps remove the embryos from their uterine and amniotic enclosures, placing the embryos into the DM containing 10cm dish bottom that has remained on ice.

3.9) Now, the second of the two 10cm dishes is used as a dissection area for removing the brains from the embryos.  

Place a single embryo in the 10cm dish facing to the left.  Holding a Dumont #5 forceps in the left hand and the scalpel in the right hand insert one of the ends of the forceps into the embryo’s mouth.  This will facilitate controlling the small head as we remove the brain.  

Next, place the tip of the scalpel just behind the embryo’s left eye, holding the scalpel nearly vertically above the embryo’s head.  Now, in one fluid motion drive the scalpel down and forward connecting an imaginary straight line between the embryo’s two eyes.  If done properly, the brain will emerge in tact with one cut.  If the brain does not immediately emerge then one needs to free it.  Typically this involves disconnecting the brains attachments near the cerebellum and brainstem.  Work from the rear forward so as to avoid manipulating and damaging the cerebral hemispheres.  Use the Dumont forceps to move the isolated brain to one of the 35mm dishes.  The process is repeated until all of the brains have been isolated.  Each 35mm dish should not contain more than 2 brains.  More than two makes removing the meninges more difficult.      

Important: Whenever dishes or tubes are handled we re-sterilize our hands with 70% ethanol before touching the dissection tools again.
3.10) Isolation of the cerebral hemispheres.  The 35mm dishes are brought individually under the microscope for this part of the dissection.   

First stabilize the brain with the Dumont forceps holding the cerebellum.  Cut the corpus callosum by using the other forceps to separate the two hemispheres.  Then remove the hemispheres from the brain stem by pulling them laterally and using the forceps to cut them off near the striatum.

3.11)
Dissection of hippocampus and cortex.  First the meninges need to be removed.  This requires practice, but the easiest way to remove the meninges is to grasp the olfactory bulb and pull caudally.  Done properly, one can remove the entire meningeal covering in one piece.    

Next use the Vannas spring scissor to cut along the medial surface of the hemisphere to isolate the hippocampus.  The same scissor is then used to trim the striatum from the remaining cortex.  


Dumont forceps are then used to place the hippocampi and cortices into their respective ice cold 15ml conical tubes.  The “hippocampus” tube may need to be agitated and flicked to get the tissue to drop to the bottom of the tube. 

3.12) Obtain the “Papain” and “Inhibitor” solutions from the 37˚C water bath.  Use a 1N NaOH solution to adjust the pH by eye – meaning that we use the phenol red as an indicator of the solutions pH aiming for 7.4.  

Add 200 units of Papain to the “Papain” tube.  The Papain will not dissolve immediately and needs to be incubated @ 37˚C for a few minutes.  
Sterile filter the “Papain” and “Inhibitor” solutions in the cell culture hood and return them to 37˚C for a few minutes.
3.13) Dissociating the cells:  Pipette out the DM from the “Hippocampus” and “Cortex” tubes taking care not to remove any of the tissue from the tube.  

Add the warm sterile papain solution to the tissue (1ml for hippocampi and 2ml for cortices) and then pipette out immediately to exchange buffer. Then add more papain solution to the tissue (3ml for hippocampi and 4ml for cortices) and incubate at 37˚C for 6 minutes.  Invert the tube a couple of times during this incubation.  
Pipette out the papain solution.  Add Trypsin inhibitor solution to the tissue (2ml for hippocampi and 3ml for cortices) and pipette out right away to exchange buffer.  Repeat the inhibitor wash step.  

Next, add Trypsin inhibitor solution to the tissue (2ml for hippocampi and 3ml for cortices) and incubate at 37˚C for 2 minutes. Pipette out supernatant and wash one more time with Trypsin inhibitor solution.
Wash the tissue three times with cold plating medium (PM).
Prepare four 50ml tubes.  Label two “cortex” and two “hippocampus”. 

Use 1.5 ml PM to move all of the tissue from the 15ml tube to one of the corresponding 50ml tubes. 

Triturate 10-15 times in the 50ml tube with a 1ml pipette tip without letting the pipette tip touch the bottom of the tube.

Let the triturated sample sit undisturbed for two of minutes.  Take out the top layer of cells (~1ml) and deposit them in the second 50ml tube.  

Add 1ml more plating media to the settled tissue in the first 50ml tube.   Triturate 8 times more, this time allowing the tip to gently touch the bottom.  Again, Let the triturated sample sit undisturbed for two of minutes.  Take out the top layer of cells (~1ml) and deposit them in the second 50ml tube.   Our experience is that if the digestion step has been allowed to proceed sufficiently, there should be very little tissue left behind.   

Depending on the concentration of cells one needs, further dilution of the cells may be advisable.  We add an additional 4ml of PM to the cortical cells to achieve an ideal concentration.  
3.14)
Count the cells using a hemacytometer.  Add 80µL cortical media, 10µL dissociated cells, 10µL Trypan blue, mix and count 20µL.  Count only the cells that have a smooth contour and don’t count the blue ones.  If the preparation has gone well than one will see many neurons with visible neurites.  If one does not see this than it is possible that the cells have been over-digested and one should consider decreasing the duration of the digestion step (3.13)  
We plate the cells at the following concentrations:
6-well plate: 1x106/well

24-well plate: 1x105/well

3.15)
Cells should adhere to the plates in 2 to 3 hours with most of them extending neurites.  Change the media to culture media (CM) after four hours.  We do not culture our embryonic neurons with Ara-C because they contain very few glial cells.  
Disclosures: I have nothing to disclose – GMB, YL
Table of specific reagents and equipment:

	Name of the reagent
	Company
	Catalogue number
	Comments (optional)

	15ml Centrifuge tubes
	VWR
	21008-678
	

	50ml Centrifuge tubes
	VWR
	21008-714


	

	
	
	
	

	30ml syringes
	VWR
	BD309650
	

	10ml syringes
	VWR
	BD309605
	

	Student Iris Scissors
	Fine Science Tools
	91460-11
	

	Student Scalpel Handle #3 - 12cm
	Fine Science Tools
	91003-12
	

	Non-Sterile Scalpel Blades #10
	Fine Science Tools
	10010-00
	

	Dumont #5 Forceps
	Fine Science Tools
	11251-20
	Need two of these.

	Vannas Spring Scissors - 2.5mm Blades
	Fine Science Tools
	15000-08
	

	Student Standard Pattern Forceps
	Fine Science Tools
	91100-12
	

	Zoom Stereomicroscope
	Nikon
	SMZ645
	

	Fiber Optic Dual Goosneck Microscope Illuminator
	AmScope
	HL-250AY
	

	Forma Laminar Airflow Workstation
	Thermo scientific
	1849
	

	Hanks’ Balanced Salt Solution
	Invitrogen
	14170112


	

	Neurobasal Media
	Invitrogen
	21103049
	

	Horse Serum
	Invitrogen
	26050-088
	

	B-27 Serum-Free Supplement (50X), liquid
	Invitrogen
	17504044


	

	Laminin
	Invitrogen
	23017015
	

	Kynurenic acid
	Sigma
	K3375-5G
	

	L-Cysteine hydrochloride
	Sigma
	C7477-25G
	

	Albumin from bovine serum
	Sigma
	A9418-100G
	

	Glutamine
	Sigma
	G7513-100ML
	

	Trypan Blue solution, 0.4%
	Sigma
	T8154-100ML


	

	Poly-D-lysine hydrobromide
	Sigma
	P7405


	

	Trypsin Inhibitor, Ovomucoid OI
	Worthington
	LS003089
	

	Papain
	Worthington
	LS 3126
	

	C57BL6 E16 Pregnant mice
	Charles River
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